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การใช้เทคนิคเซอร์เฟซเอนฮานซ์รามานสแกตเทอริง (surface-enhanced Raman scattering, 

SERS) หาปริมาณอนุภาคระดับนาโนของพลาสติก  (nanoplastics, NPLs) นั้น มีข้อจ ากัดในเร่ืองของขนาด

พลาสติกที่แตกต่างกัน ในการศึกษาน้ี ได้ประสบความส าเร็จเป็นอย่างมากในการออกแบบวิธีการทดลองเพื่อขจัดปัญหาน้ี 

เทคนิค SERS ที่เตรียมได้ช่วยให้สามารถหาปริมาณอนุภาคทรงกลมระดับนาโนของพอลิสไตรีน  (polystyrene 

nanospheres, PSNSs) ขนาด 100, 300, 600 และ 800 นาโนเมตร ที่ความเข้มข้นต ่าในตัวกลางที่ เป็น

ของเหลวหลากหลายชนิดได ้ทั้งน้ีการเคลือบอนุภาคทองค าลงบนแผ่นกระจกสไลด์ จะท าให้ไดว้สัดุรองรับในการขยายสัญญาณ

รามาน (SERS substrate) เพื่อใช้เป็นตัวเร่งสัญญานรามานของพลาสติกให้มากขึ้ น โดยการละลาย PSNSs ใน

สารละลายโทลูอีน (toluene) และเพิ่มความเขม้ขน้ (preconcentrate) จึงท าให้เทคนิคน้ีประสบความส าเร็จในการหา

ประมาณ  NPLs ที่ มีความเข้มข้นต ่ ามาก  ๆ  ได้ ซ่ึ ง มีขีดจ ากัดการตรวจวัด  (limit of detection, LOD) 

เท่ากบั 0.12  ไมโครกรัมต่อมิลลิลิตร นอกจากน้ียงัมีการน าสารหลากหลายชนิด เช่น เกลือ น ้าตาล กรดอะมิโน และสารซัก

ลา้ง มาใช้เป็นตวักลางในการทดสอบเทคนิคน้ี เพื่อหาผลกระทบของสารรบกวน (interfearfence) นอกจากน้ี เทคนิค 

SERS ยงัมีประสิทธิภาพในการใช้วิเคราะห์เชิงปริมาณของอนุภาค PSNSs ผสม ที่มีขนาดแตกต่างกันคือ 100, 300, 

600 และ 800 นาโนเมตร ในอตัราส่วน 1:1:1:1 ในตวักลางจริงคือ น ้าประปา น ้าแร่ และน ้าจากแม่น ้าเจา้พระยา จากการ

ใช้งาน พบว่า เทคนิค SERS ประสบความส าเร็จในการหาปริมาณ PSNSs โดยเฉพาะในช่วงความเข้มข้น 10–40 

ไมโครกรัมต่อมิลลิลิตร โดยมี LOD อยู่ที่ 0.32–0.52 ไมโครกรัมต่อมิลลิลิตร 
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The size-dependent effect of nanoplastics (NPLs) restricts the 

quantification of NPLs by surface-enhanced Raman scattering (SERS) technique. In 

this study, we successfully established an innovative preparation method to 

eliminate this effect. This developed SERS method allowed us to quantify 100-, 

300-, 600-, and 800-nm polystyrene nanospheres (PSNSs) in diverse aqueous 

conditions at a low concentration. The SERS substrate was easily fabricated and 

used as NPLs signal enhancement with sputtering gold particles onto a glass cover 

slide. By preconcentrating and dissolving PSNSs in toluene, SERS technique can be 

successfully quantify NPLs at extremely low concentrations with a limit of 

detection (LOD) down to 0.12 µg/mL. Moreover, the SERS method was also 

performed in several media such as salts, sugars, amino acids, and detergents in 

order to investigate the interference effect. Moreover, the SERS method was 

effectively validated for quantitative analysis of a mixture of 100-, 300-, 600-, and 

800-nm PSNSs in a ratio of 1:1:1:1 in real-world media (i.e., tap water, mineral 

water, and river water). Using our proposed method, the SERS technique 

successfully approaches the evaluation of PSNSs in the range of 10 to 40 µg/mL 

with a LOD of down to 0.32–0.52 µg/mL. 
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CHAPTER I  

INTRODUCTION 

 Polymer-based plastics are extensively utilized in various applications due to 

their exceptional properties, such as affordability, lightweight nature, durability, and 

flexibility [1]. These plastic products have a long lifespan as they are resistant to 

degradation, typically persisting in the environment for 1 to 50 years after use [2]. The 

desirable characteristics of plastics lead to high demand for plastic products, resulting 

in a steady increase in global plastics production. In 2016, the production reached 335 

million tons and is estimated to reach approximately 33 billion tons by 2050 [3, 4]. 

However, only a small percentage of these massive amounts of plastics (6% to 26%) 

are recycled due to inefficient disposal methods and inadequate waste management 

systems [5]. Consequently, a significant amount of plastic waste, estimated to be 

10,000–40,000 tons, finds its way into the oceans, leading to widespread plastic 

accumulation across the planet [6]. This accumulation of plastic litter, particularly in 

marine environments, has had a detrimental impact on aquatic life and human health 

by generating microplastic particles.[4]. 

 In the natural environment, plastic litter undergoes a gradual deterioration 

process through physical, chemical, and biological degradation [7-13]. This leads to 

the fragmentation of plastic waste and the release of a significant amount of 

microplastics (MPLs) particles [14]. MPLs can be found in various forms, including 

fibers, fragments, and beads [14-16], and they have been reported as harmful 

pollutants in soil [17], shorelines [18], freshwater [19], and ocean [9]. The most 

frequently detected MPLs in freshwater and drinking water are PE, PP, PS, PVC, and 

PET [16]. The pollution caused by MPLs has adverse effects on a wide range of 

aquatic habitats, such as plankton [20], algae [21], shrimp [22], and fish [23]. 

Additionally, MPLs may contain toxins from additives used in industrial 

manufacturing processes [24, 25]. Their porous and rough surface also makes them 

prone to attaching persistent organic pollutants (POPs), further enhancing their 

harmful potential  [26]. Consequently, when living organisms ingest these tiny plastic 

particles, toxins can enter the food chain via transfer and bioaccumulation [27]. These 

MPLs may probably end up in our bodies due to unhealthy seafood and drinking 
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water consumption [28], which has become a major topic of concern for scientific, 

public, and political authorities.  

 MPLs found in the environment can be classified into two main categories: 

primary and secondary, based on their origin [29]. Primary microplastics (pMPLs) are 

deliberately produced for commercial purposes, such as microbeads in personal care 

products (i.e., shower gels, creams, and facial cleansers), synthetic fibers (i.e., nylon), 

and plastic pellets. After their intended use, these small plastic items can be released 

into the surrounding environment from industries and households [30, 31]. On the 

other hand, secondary microplastics (sMPLs) are fragments derived from the 

accumulation and degradation of larger plastic litter in aquatic ecosystems. They 

undergo processes like hydrolysis [7, 8], photodegradation [9, 10], thermo oxidations 

[11], and biodegradation [12, 13]. These processes gradually reduce the molecular 

weight of the polymer, making it more brittle and resulting in the fragmentation of 

larger plastic pieces. However, the degradation of plastics does not stop at this stage. 

Consequently, macroplastics (> 5 µm) continue to fragment into MPLs (5–1 µm) [32] 

and eventually become nanoparticles with diameters ranging from 1000 to 1 nm, 

which recognize as nanoplastics (NPLs) [33]. It is important to note that NPLs 

possess a larger specific surface area and greater hydrophobicity compared to MPLs. 

This characteristic increases their ability to adsorb various hazardous substances from 

their surrounding environment, posing a threat to organisms that consume them. 

 The detection of MPLs and NPLs typically involves an initial step of 

extracting and separating plastic particles from complex matrices, such as water, sand, 

soil, and living organisms [34]. Subsequently, purification techniques are employed to 

isolate and purify MPLs and NPLs before proceeding to the analysis stage. 

Qualitative and quantitative assessments are conducted during analysis based on the 

distinctive characteristics of MPLs and NPLs [35]. Various chemical approaches, 

including thermal and vibrational analytical methods, are currently available for the 

detection of plastic particles. Pyrolysis gas chromatography–mass spectrometry (Pyr-

GC–MS) [36, 37] and thermal extraction desorption gas chromatography-mass 

spectrometry (TED-GC–MS) [38-41] are examples of thermal analytical methods that 

measure the physical properties of MPLs and NPLs under specific temperature 

conditions [42]. However, these thermal analytical methods have certain 
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disadvantages, such as the requirement for sample pre-processing and the potential 

interference of impurities in the sample, which can affect the accuracy of the 

analytical results. Furthermore, these techniques involve high reaction temperatures 

that may cause damage to the analyte present in the sample. 

 Fourier transform infrared spectroscopy (FTIR) and Raman spectroscopy 

(RM) are vibrational analytical methods that offer non-destructive identification of 

polymer types by providing unique chemical fingerprint spectra [43-47]. FTIR is 

sensitive to water and has limited spatial resolution, making it suitable for detecting 

plastic particles larger than 20 µm [48]. However, the FTIR method may generate 

weak signals for small-diameter plastic particles, leading to false negatives or 

positives, which can pose challenges for quantitative analysis [49]. In contrast, RM is 

based on the elastic scattering of light and provides information on molecular 

vibration and rotation, allowing for determining a material's molecular structure [50]. 

Raman microscopy offers better spatial resolution compared to FTIR, enabling the 

detection of plastic particles as small as 1 µm [43-46]. Additionally, Raman 

spectroscopy has advantages such as more straightforward sample preparation, no 

need for sample staining, and no requirement for specific sample thickness. 

Nevertheless, using conventional Raman spectroscopy alone, the signal of plastic 

particles for less than 1 µm is challenging to be detected [51]. 

 Surfaced-enhanced Raman scattering (SERS) is a sensitive technique for 

detecting trace amounts of target analytes. It combines Raman spectroscopy with 

nanotechnology to amplify the Raman signal of the analyte. SERS has been widely 

employed in various studies to analyze the chemical fingerprint spectra of plastic 

particles [52-55]. This technique enables the detection of plastic particles smaller than 

the detection limit of traditional Raman microscopy (approximately 1 µm) [56-62]. 

The enhancement of the Raman signal in SERS is achieved through the 

electromagnetic enhancement mechanism, facilitated by plasmonic materials such as 

silver (Ag), gold (Au), and copper (Cu) nanoparticles (NPs) [63-65]. This mechanism 

significantly amplifies the signals of nanoplastics (NPLs), allowing them to be 

detected using standard Raman instruments [56-62]. Consequently, the SERS strategy 

has proven successful in detecting plastic particles such as PS [57, 58, 66], PP [57], 

PET [67], and PE [57] in aquatic environments. Recent reports have demonstrated the 
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detection of NPLs as small as 50 nm in size, with a remarkably low detection limit of 

0.1 ng/mL using Raman imaging [68]. However, the size dependence effect has 

limited the quantitative analysis of NPLs using the SERS technique, resulting in 

variations in SERS signals at the same concentration due to differences in NPL 

diameter [56, 57, 59, 69]. This lack of a linear range in relation to the SERS intensity 

of NPLs hinders the quantitative analysis of NPLs using the SERS method. 

 To overcome the size-dependent effect of nanoplastics (NPLs) in SERS 

analysis, this study aims to develop a preparation process that can eliminate this effect 

and enable the quantitative analysis of NPLs in an aqueous medium. The proposed 

SERS preparation strategy is depicted in Figure 1. Initially, polystyrene nanospheres 

(PSNSs) of varying sizes are dried in a vacuum chamber at room temperature, 

 

Figure 1. The quantitative analysis process of NPLs in water media using the SERS 

technique. The PSNSs beads were used to represent NPLs in the environments. SERS 

detection of PS with different diameters (i.e., 100, 300, 600, and 800 nm) is utilized to 

demonstrate the elimination of size-dependent effects generated by NPLs with 

different diameters. 
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resulting in solid PSNSs. These solid PSNSs are then dissolved in an organic solvent, 

specifically toluene, to create a PS solution. This step is crucial for eliminating the 

size-dependenc effect of NPLs before conducting SERS measurements. Next, the PS 

solution is dropped onto a SERS substrate, which is fabricated using gold sputtering 

equipment and a glass cover slide. During the evaporation of the organic solvent, the 

PS droplet undergoes a phenomenon known as the coffee-ring effect. This effect 

causes the PS molecules to migrate from the center of the droplet toward its edge, 

gradually accumulating at the droplet's border. Apart from eliminating the size-

dependence effect, this phenomenon also aids in sample preconcentration, allowing 

for the quantification of PSNSs in water media even at extremely low concentrations. 

 Additionally, this study will also examine the effects of different PS particle 

sizes (i.e., 100, 300, 600, 800 nm), PS concentrations (i.e., 10, 20, 30, 40, 50, 60, and 

70 µg/mL), interferences (i.e., sugars, salts, amino acids, and detergents), and real-

world media (i.e., mineral water, tap water, and Chao Phraya river water).  

1.1. Objective 

• To develop a facile and sensitive surface-enhanced Raman scattering method 

to detect the different sizes of nanoplastics in aquatics environments 

1.2 Scope of the dissertation 

• To perform AFM measurement for characterization of SERS substrate 

prepared by sputtering gold particles on a glass cover slide using sputtering 

equipment. 

• To exploit the coffering-effect phenomenon for NPLs preconcentration in the 

preparation step before SERS measurement. 

• To investigate the quantitative analysis of different NPLs diameters (i.e., 100, 

300, 600, and 800 nm) using the SERS technique and utilize PSNSs as a 

representative of NPLs in the environments.   

• To validate the developed SERS method for quantifying each size of NPLs in 10 

individual media (i.e., salts, sugars, proteins, and detergents) and mix size 

NPLs (i.e., 100, 300, 600, and 800 in the ratio of 1:1:1:1) in the real-world 

media (i.e., tap water, river water, and mineral water) as the interferences. 
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CHAPTER II  

THEORETICAL BACKGROUND 

2.1 Microplastics and nanoplastics 

 Plastic materials have become essential daily due to their desirable properties 

such as stability, lightness, affordability, and flexibility. In recent years, the global 

production of plastic has exceeded 350 million tons, encompassing a wide range of 

plastics like PET, PC, PP, PE, PS, nylon, and others [70]. When plastic garbages is 

not correctly handled, its diversity and vast manufacturing have become a concern. As 

a result, some plastics sink immediately in water, while others float, and some persist 

for long periods of time. Finally, it degrades into small fragments, leading to adverse 

ecological impacts [71, 72]. Moreover, plastic degradation in the environment is 

rather complicated. Several mechanisms may occur during weathering, including the 

physical, chemical, and biological breakdown of large plastic particles into tiny 

pieces. They may be broken down into micro (less than 5 mm–1 µm) and nanoscopic 

sizes (less than 1 µm–1 nm) [73]. It is projected that by 2050, approximately 12,000 

million tons of MPLs and NPLs will accumulate on Earth's surface, raising concerns 

about their potential effects on organisms and human health [74].  

 Primary plastic particles, such as beads, fibers, and pellets, are intentionally 

manufactured for specific applications. These plastics can be found in various 

commercial products, where they exist in micro to nano-sized particles. Additionally, 

they are released into the environment through industrial processes like abrasives, air 

blasting, industrial waste, and domestic activities. European cosmetic products, for 

example, contain plastics as exfoliators in concentrations ranging from 0.05% to 12% 

by weight. A single use of a cosmetic product (5 mL) can release up to 94,500 

polyethylene (PE) particles with sizes ranging from 164 µm to 327 µm [75]. 

Moreover, NPLs particles (18-66 nm) in quantities of 3 × 1011 have been detected in 

various cosmetic creams [76], and these particles are also commonly used in medical 

applications [77]. Synthetic textile microfibers are another significant source of 

primary plastic particles, with over 1,900 fibers being released in a single washing 

cycle [78]. Acrylic fabric, polyester-cotton blends, and pure polyester textiles can 

release up to 138,000, 496,000, and 729,000 fibers, respectively [79]. Surprisingly, 
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nanoscale 3D printing can release approximately 2 × 1011 residual NPLs particles per 

minute [80]. 

 Secondary plastic particles are the major source of MPLs and NPLs in the 

environments. These tiny particles are generated through the fragmentation process of 

larger plastic products due to various factors such as UV radiation [81, 82], physical 

abrasion, hydrolysis [83], and biological degradation. This results in lower plastic 

molecular weight, color changes, and loss of mechanical properties, which degraded 

the bulk plastics into smaller pieces [81, 82]. Exposure to UV light induces photo-

oxidation of the polymer chain, resulting in chain scission and brittleness of the 

plastic particles [84]. Mechanical stress, such as wave action, abrasion with sand and 

rocks, and interactions with marine organisms, further contributes to the continuous 

fragmentation of plastics [82]. UV radiation and oxidative mechanisms play 

significant roles in plastic degradation [85]. Hydrolysis of plastics occurs when they 

are submerged in water and undergo condensation cycles, exposure to steam, or 

contact with high H+ concentration (acid) or high OH⁻ concentration (base), 

accelerating the degradation process. Specific polymers, including nylons, polyester, 

PET, polycarbonate (PC), and polyurethane (PU), are particularly susceptible to 

hydrolysis [83]. Biodegradation, driven by microorganisms such as bacteria, fungi, 

and algae, is another factor that contributes to plastic degradation. During this 

process, microorganisms colonize the plastic surface and reduce its molecular weight 

[86, 87]. Enzymatic degradation, facilitated by lipase, proteinase k, and 

dehydrogenase enzymes attracted to the polymer substrate, followed by hydrolytic 

cleavages, plays a role in this process [88]. Both natural and synthetic polymers can 

be degraded by bacteria and fungi [89]. Thermo-oxidative degradation also occurs 

when plastics undergo slow oxidative breakdown, involving hydrogen abstraction or 

homolytic scission of carbon-carbon bonds at moderate temperatures, often observed 

on beaches when exposed to heat [90]. This continuous degradation process generates 

tiny plastic particles with diameters ranging from micro to nanoscale particles. It has 

been reported that secondary plastics account for an estimated 97% to 99.9% of the 

microplastics found in the ocean [91, 92].  
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2.2 Negative impact of MPLs and NPLs  

 The presence of microplastics (MPLs) and nanoplastics (NPLs) in the marine 

environment can have serious consequences for marine pollution, ecological 

disruption, biodiversity loss, and human health. These plastic particles can enter the 

ocean through land runoff and sewage treatment plant discharges. Marine organisms 

can cause physical and chemical harm to their digestive systems when consumed. The 

impact of these microscopic plastics can disrupt the food chain, starting from smaller 

organisms and progressing up to larger ones. This can lead to harm and mortality in a 

wide range of animals, including fish, birds, and marine mammals, ultimately 

resulting in decreased biodiversity and a negative cascade effect on ecosystem health. 

MPLs and NPLs have been found in various sources such as drinking water, table salt, 

seafood, and even the air we breathe. There are concerns about the potential risks to 

human health, as these particles can be ingested, inhaled, or absorbed through the 

skin. It is feared that they may cause harm to the digestive and respiratory systems, 

among other potential health effects. Overall, the presence of MPLs and NPLs in the 

environment poses significant risks to marine ecosystems, biodiversity, and human 

well-being, emphasizing the urgent need to address plastic pollution and mitigate its 

impacts. 

 Aquatic organisms are being significantly impacted by the accumulation of 

MPLs and NPLs in their tissues, leading to reduced growth, reproduction, and 

survival rates. These particles are toxic to various organisms, including 

microorganisms, crustaceans, shellfish, and sea turtles, as they can be mistaken for 

food [93]. Previous studies have demonstrated that when plastic combines with 

hazardous organometallic contaminants, it hampers the growth of microalgae such as 

chlorella pyrenoidosa and chlorella vulgaris by increasing oxidative stress and 

affecting enzyme activity, specifically SOD and catalase [94]. Furthermore, the 

formation of reactive oxygen species in algae cells elevates cellular oxidative stress, 

resulting in damage to lipid peroxidation, which negatively impacts algae growth and 

chlorophyll synthesis [94, 95]. Fish are particularly susceptible to the ingestion and 

exposure of these toxic plastic particles due to the escalating presence of MPLs and 

NPLs in aquatic environments [96, 97]. Numerous studies have reported the presence 

of MPLs in the digestive tracts of various fish, affecting different body parts such as 
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the skin and gills [98, 99]. Ingestion of MPLs by fish can cause physical injury, 

structural damage, and even blockages. Consequently, these fish experience changes 

in feeding behavior, reduced growth rates, and a decline in nutrient absorption rates 

[100]. Additionally, MPLs have been found to affect the early stages of fish 

development, leading to reduced mobility and head-to-body length [101]. The 

presence of MPLs and their additives can cause abnormalities in the cardiovascular 

system, DNA breakdown, and, ultimately larval death [102, 103]. 

 The consequences of MPLs and NPLs on human health are not yet fully 

understood, but numerous studies suggest they could be harmful. These particles have 

been found in seafood, table salt, and beverages, indicating their presence in the 

human food chain. MPLs and NPLs are small enough to penetrate cell membranes 

and accumulate in tissues and organs, potentially causing health issues. As humans 

are at the top of the food chain, we can be exposed to significant amounts of MPLs 

and NPLs through ingestion, inhalation, and direct skin contact. These particles can 

accumulate in our bodies and have detrimental effects [104]. Contaminated MPLs 

present in food, such as polyethylene (PE), polystyrene (PS), polypropylene (PP), 

polyethylene terephthalate (PET), polyurethane (PU), and polymethyl methacrylate 

(PMMA), can be consumed by humans and absorbed by the intestines after oral 

ingestion. They may also be absorbed directly through the intestinal epithelium via 

transcellular and paracellular transport [104, 105]. Additionally, MPLs can cross the 

skin barrier and be absorbed through the skin when using personal care products, 

surgical gloves, and prosthetic makeup materials [106]. Prolonged exposure to MPLs 

can lead to chronic inflammation, cytotoxicity, neurotoxicity, and various 

neurodegenerative diseases. MPLs can increase oxidative stress in cells by generating 

reactive oxygen species (ROS) and inducing the secretion of pro-inflammatory factors 

and cytokines, contributing to neuronal degeneration and potentially leading to 

diseases such as Alzheimer's [104]. Furthermore, chemicals present in MPLs can 

sometimes be carcinogenic, increasing the risk of cancer in humans [107]. As a result, 

several scientists have devised various ways to detect these harmful particles to 

indicate their danger.  
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2.3 MPLs and NPLs characterization technique  

 The detection process for MPLs is typically divided into three steps. Firstly, 

the MPLs and NPLs are extracted from their surrounding media. Secondly, the 

extracted particles are separated and purified to obtain relatively pure plastic particles. 

Finally, the detection involves using analytical techniques that can provide both 

qualitative and quantitative analysis based on the characteristics of microplastics [34, 

108]. This section will focus on quantitatively detecting MPLs and NPLs using 

various techniques. 

 MPLs and NPLs detection techniques can be categorized into 2 groups: 

thermal and vibrational analytical methods. The thermal analytical methods mainly 

included pyrolysis gas chromatography–mass spectrometry (Pyr-GC–MS) and 

thermal extraction desorption gas chromatography–mass spectrometry (TED-GC–

MS).  

2.3.1 Pyr-GC–MS 

 Pyr-GC–MS is a technique that combines pyrolysis and gas chromatography–

mass spectrometry (GC–MS). In this method, the samples are subjected to pyrolysis 

in an inert environment, and the resulting pyrolysis products are continuously 

introduced into the GC–MS system to generate a spectrum of the pyrolysis products 

or programs [38]. By comparing the spectra of the samples with a library of known 

polymers, this technique can identify the types of plastic particles. Additionally, it 

provides information on plastic additives, allowing for the analysis of the chemical 

composition and structural characteristics of the plastic samples. Depending on the 

number of plastics and the composition of the media, the plastic samples can be 

analyzed directly [109, 110], or they may require preparation steps such as density 

separation to remove organic and inorganic materials [111-114]. Since the 

concentration of plastics in samples is often low, techniques like solvent extraction 

[115] and pressured liquid extraction (PLE) are used for the preconcentration of 

plastics [116, 117]. It also included cloud point extraction (CPE) that applies to the 

preconcentrating of NPLs samples before Pyr-GC–MS analysis [118]. 

  The detection of MPLs and NPLs in various environmental samples using Pyr-

GC–MS has been reported in sediments [115, 119], water [112, 120], and biota [120, 
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121]. This technique has proven effective in identifying different types of MPLs 

found in marine environments, including PE, PP, PS, PET, PVC, and PA, along with 

their additives. It can analyze plastic particles as small as 100 µm [122, 123]. The Pyr-

GC–MS method can achieve a limit of quantification (LOQ) ranging from 0.1 to 1 µg, 

depending on plastic sizes and the pyrolysis unit used [124]. The application of this 

technique to identify and quantify plastics in wastewater after filtration, extraction, 

and drying provides LOQ around 0.03 μg and 1 μg for PS and PE, respectively [110]. 

Furthermore, this technique is also used to identify NPLs (PS, 50 nm–1000 nm) in a 

protocol that combines cross-flow UF, AF, and Pyr-GC–MS [125]. However, it is 

important to note that analyzing single plastic particles using Pyr-GC–MS can be 

time-consuming, with each run taking 30–60 minutes or even longer, compared to 

spectroscopic techniques like μFTIR and Raman microscopy, which can provide 

results within a couple of minutes or less [126]. Furthermore, Pyr-GC–MS has a 

limited capacity within the μg-range of the pyrolyzer. Therefore, quantifying 

environmental samples requires preconcentration steps to increase the concentration 

of plastics before Pyr-GC–MS analysis. Alternatively, applying the thermo-extraction 

and desorption (TED) GC–MS technique can allow for analysis of more significant 

sample amounts in the mg-range [126]. 

2.3.2 TED-GC–MS 

 TED-GC–MS, which stands for thermal extraction desorption gas 

chromatography-mass spectrometry, is a thermal analytical technique that combines 

thermogravimetric analytical solid phase extraction (TGA-SPE) with thermal 

desorption gas chromatography-mass spectrometry (TDS-GC–MS). In this method, 

the plastic sample is first subjected to pyrolysis in a thermogravimetric analyzer under 

an inert gas. The pyrolyzed products are then absorbed on solid phase reagents for 

extraction and desorption by increasing the temperature to approximately 600 °C. The 

sample is subsequently separated in the chromatography column and characterized 

using mass spectrometry (MS). The pyrolysis process in TED-GC–MS generates two 

ranges of pyrolysis products. The first range (approximately 25–260 °C) corresponds 

to volatile substances, while the second range (above 350 °C) corresponds to the 

characteristic products of the most common polymers. By using TED-GC–MS, the 
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sample weight can be increased to 100 mg, which allows for analysis with reduced 

time and potentially overcomes the limitation of reaction tube blockage caused by 

high molecular weight pyrolysis products, eliminating the need for sample 

pretreatment. TED-GC–MS was initially applied to analyze environmental samples 

spiked with PE at a concentration of 1 wt% [40]. Since then, it has been utilized for 

quantifying different polymer particles in complex environmental matrices from 

aquatic and terrestrial ecosystems. The quantitative detection achieved with TED-

GC–MS provides a limit of quantification (LOQ) values of approximately 10 µg for 

PE, 1 µg for PP, and 0.2 µg for PS [127]. 

 Furthermore, TED-GC–MS has been utilized to quantify environmental tire 

wear particles on the streets, revealing that styrene butadiene rubber (SBR), the main 

component of car tires, can be detected within the range of 3.9 to 9.3 mg/g of the 

sample [41]. In recent developments, a filtration technique using a smart filter 

crucible has been introduced as a sampling and detection tool for identifying plastics 

in beverages. This protocol enables the separation of MPLs, with a size of 

approximately 5 µm, from the media. The method allows for detecting plastic 

concentrations as low as 0.01 μg/L and up to 2 μg/L [128].  

 Compared to Pyr-GC–MS, TED-GC–MS offers a significantly larger sample 

capacity, approximately 200 times higher. This advantage is beneficial for achieving 

representativity and sensitivity, although Pyr-GC–MS provides higher detection limits 

(LOD) and quantification (LOQ) limits. This larger sample capacity allows for the 

analysis of MPLs in highly polluted samples without sample preparation, even when 

the polymer content is around 0.5–1 wt% [129]. Whereas the sample-dependent 

organic matrix can still affect the quantification of the plastic particles by using the 

entire temperature range (25–650 °C) and losing more thermolabile polymers like 

PVC when adsorption is cut out below 350 °C [130]. Both Pyr-GC–MS and TED-

GC–MS techniques encounter limitations in terms of LODs, particularly when it 

comes to detecting NPLs. Due to their expected low environmental concentrations 

(ranging from 1 ng/mL to 1 pg/mL), a preconcentration technique becomes necessary 

for NPLs detection. Additionally, these thermoanalytical methods are destructive to 

the samples and can be time-consuming, making them less practical for real-time 

analysis in environmental systems. 
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2.3.3 Infrared spectroscopy 

 FTIR is another commonly used technique for MPLs analysis. It belongs to 

the category of vibrational spectroscopic techniques that exploit the excitation of 

vibrational transitions by infrared light, generating a unique fingerprint spectrum for 

each type of plastic. This spectrum can then be used to identify and distinguish 

different types of MPLs particles. FTIR can be applied in two different modes of 

operation. The first mode is attenuated total reflection FTIR (ATR–FTIR), which is 

typically used for MPLs with particle sizes larger than 500 µm [45]. The second mode 

is focal plane array (FPA) detector-based micro-FTIR (FPA-µFTIR), which enables 

the imaging of MPLs particles on filters with a resolution of approximately 10–20 μm 

[44, 45]. It is important to note that FTIR can only be applied to analyze bulk plastics, 

as its limit of LOQ is typically 10 µm or higher [43-45, 131]. Nevertheless, this 

technique has been successfully used to identify and characterize MPLs particles in 

various environmental samples, including water [132-134] and terrestrial environment 

[135, 136], air pollution [137, 138], food [111, 139], and drinking water [140, 141]. 

 µFTIR spectroscopy (μFTIR) is an FTIR-based method used to analyze plastic 

particles lower than 500 µm. This technique uses an FTIR spectrometer with an 

optical microscope (OM). µFTIR can be employed for analyzing preselected plastic 

particles or the entire filter area through chemical imaging. Preselection of particles 

before IR measurement can be done manually [132] or automatically using optical 

images [142]. FTIR imaging can measure all MPLs particles within the analyzed area. 

However, analyzing a large area can be time-consuming due to the high number of 

spectra that need to be measured and processed. Therefore, the collection area is often 

restricted to a subarea on the filter. This technique has successfully quantified and 

identified MPLs in water and complex wastewater samples. The theoretical limit for 

detecting small particles using µFTIR spectroscopy ranges from about 1.7 µm at 4000 

cm-1 to 13 µm at 500 cm-1 [143].  This means that µFTIR can efficiently detect and 

identify particles larger than 10 µm  [1 4 4 , 1 4 5 ]  or 20 µm [146, 147]. Due to this 

limitation, Raman microscopic (RM) techniques have an advantage over FTIR 

imaging, especially for detecting plastic particles with a diameter lower than 10 µm. 
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2.3.4 Raman microscopy technique (RM) 

 Raman spectroscopy is a light scattering technique that is based on the Raman 

effect, which occurs when the frequency of the scattered light differs from the 

frequency of the incident light [148]. This technique is widely used for quantitative 

and qualitative analysis of various materials. Raman spectroscopy offers excellent 

versatility in terms of sampling procedures, making it applicable in various scientific 

fields. It requires minimal sample preparation and can analyze materials with low 

concentrations [149]. Furthermore, Raman spectroscopy provides a fingerprint region 

of the molecules, allowing for the identification and characterization of the chemical 

structures of materials [150].  

 Raman spectroscopy exploits the Raman scattering effect of molecules 

originating from light-molecule interaction. When the laser (monochromatic light) is 

beamed onto the molecules, the molecules are excited into the virtual energy stage 

(extremely unstable), as illustrated in Figure 2, from which the scattered photons are 

emitted instantly (returns to the lower energy stage). Most scattered photons are 

emitted with the same energy as a photon in the incident one (Rayleigh scattering, 

Figure 2a). However, some scattered photons can be emitted with energy lower or 

higher than the photon in the incident light, corresponding to Stokes Raman scattering 

(Figure 2b) and anti-Stocks Raman scattering (Figure 2c). The difference in energy 

between the inelastic Raman scattered photon and the incident photon corresponded to 

the vibrational peak shown in the Raman spectrum [48, 151, 152]. 

 Raman microscopy combines the principles of Raman spectroscopy and 

optical microscopy, making it a powerful technique for detecting and identifying 

MPLs. It allows scientists to investigate MPLs by focusing a laser beam onto plastic 

particles and obtaining a Raman spectrum. Each type of MPLs exhibits a unique set of 

vibrational modes in its Raman spectrum, enabling differentiation between different 

types of MPLs and mixtures of components such as additives and pigments. However, 

conventional Raman microscopy faces challenges when detecting and identifying 

plastic particles smaller than 1 µm. This is primarily due to the intrinsic low scattering 

efficiency of Raman spectroscopy (dσR/dΩ ∼ 10–31cm2.sr–1) [153] and the diffraction 

limit of a light source [154]. This reason results in a lack of data about NPLs in the 

environments.  
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Figure 2. Jablonski's diagram of quantum energy transitions. (a) Rayleigh scattering, 

(b) Stokes Raman scattering, and (c) anti-Stokes Raman scattering. 

2.3.4.1 Surfaced enhanced Raman scattering technique (SERS)  

 To overcome the limitations of traditional Raman microscopy, surface-

enhanced Raman spectroscopy (SERS) has been developed. SERS is an ultra-

sensitive technique that can detect single molecules, providing molecular fingerprints 

for target analyte identification [8, 9]. In addition, this technique can measure the 

molecules adsorbed on the metal surfaces and increase the Raman signal of an 

analyte. This enhanced Raman signal is achieved through improved electric field 

enhancement via surface plasmon resonance (SPR) in metallic nanostructures such as 

gold (Au), silver (Ag), and copper (Cu) [155]. SERS operates through two main 

mechanisms: electromagnetic enhancement and chemical enhancement. Electromagnetic 

enhancement occurs when the incident light drives the conducting electrons on the 

surfaces of metal nanoparticles. This induces localized surface plasmon resonance 

(LSPR), where the electrons oscillate coherently with the frequency of the incoming light, 

generating an electromagnetic field around the interface of the metal NPs, as shown in 
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Figure 3a. The electromagnetic enhancement is more pronounced near the metal 

surface. This phenomenon greatly amplifies the Raman signal of analytes 

(enhancement factor of approximately 1014–1015) [156] and plays a crucial role in 

achieving high SERS sensitivity [157]. 

 In the same way, the spatial location of a target molecule directly influences 

the Raman scattering signal, particularly at the hot spot between the interfaces of NPs. 

The SERS activity of the adsorbed molecules at the hot spot is significantly different 

from other regions. The enhancement effect diminishes rapidly as the molecules are 

positioned further away from the hot spot [157]. The chemical enhancement 

mechanism involves the interaction of target molecules with the metal NP substrates. 

This interaction can lead to chemical complexation or charge transfer, causing 

changes in the Raman polarizability of the molecules. This chemical enhancement 

provides an enhancement factor of 101‒102 (Figure 3b) [158]. In the case of ordinary 

Raman, its intensity is dependent on molecular polarization (P0), and the magnitude of 

P0 (Raman-shifted frequency: ωR), which is mainly controlled by the polarization rate 

of molecular 

 

Figure 3. Schematic drawing of (a) electric field drives localized surface plasmon 

resonance (LSPR), (b) chemical enhancement mechanism generated by SERS 

technique, and (c) enhanced Raman scattering of target molecules adsorbed onto the 

SERS substrate. 
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electrons (α0
R) and the intensity of incident electromagnetic radiation E0 (frequency: 

ω0) [158] as shown in the formula: P0(ωR)= α0
R(ω0,ωR)E0(ω0). Under the SERS 

condition, Raman dipole (P) is dependent on the modified Raman polarizability (αR) 

and the enhanced local electromagnetic field (Eloc) around the surface of the metal 

NPs under the combined effect of electromagnetic and chemical mechanisms as 

shown in the formula: P (ωR) = 𝛼𝑅(ω0,ωR)Eloc(ω0). 

 The application of SERS is necessary to understand its mechanism to control 

and maximize the SERS signal for practical detection (Figure 3c), which is 

categorized into three main factors as will be discussed as follows; 

 The first factor represents the incident electromagnetic radiation is a crucial 

factor in SERS, and several setup parameters must be adjusted for optimal 

performance. These parameters include the excitation wavelength, laser power, and 

acquisition time [159]. The Raman scattering efficiency can be influenced by the laser 

wavelength, as the intensity is inversely proportional to the fourth power of the 

excitation wavelength (λ) [126]. Depending on the desired application, the excitation 

wavelength can be selected from a wide range, from ultraviolet to near-infrared. To 

maximize Raman signal amplification, the laser wavelength should be chosen to 

match the localized surface plasmon resonance (LSPR) extinction maximum (λmax) of 

the substrate, which results in the maximum enhancement of the Raman signal [160]. 

Additionally, the laser wavelength should be selected to minimize fluorescence 

interference and, in some cases, a lower-power, longer-wavelength laser (e.g., 785 

nm) may be preferred to detect specific vibrational modes, such as C‒H stretching 

vibrations in polymers like PE, PP, and PVC [126]. The 532 nm excitation laser is 

often chosen to observe C‒H stretching vibrations more effectively. In practice, the 

SERS signal intensity can be increased by extending the acquisition time and using 

higher laser power. However, it is important to consider that higher laser power and 

longer acquisition times can potentially damage or burn the samples. Therefore, 

suitable laser power and acquisition time should be carefully adjusted before 

conducting measurements to ensure optimal signal enhancement without sample 

damage. 

 The characteristics of the target molecule constitute the second factor to 

consider in SERS. In a typical scenario, the Raman intensity is determined by the 
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Raman scattering cross-section of the target molecules, which is the signal intensity 

ratio to the incident power density. The polarizability of the electron cloud within the 

molecules, which reflects its ability to deform in the presence of an electric field, is 

closely related to the Raman scattering cross-section. Molecules that can undergo 

polarization (i.e., shape, size, and direction changes during vibration) are classified as 

Raman-active molecules [161]. The degree of polarizability of the target molecules 

primarily influences their Raman scattering cross-section. Molecules with electron-

rich functional groups and an extended π–π system tend to exhibit large Raman cross-

sections (β). For example, the Raman cross-section of cyclohexane is 5.2 × 10–30 cm2. 

sr–1.mol–1, while that of benzene is 2.9 × 10–29 cm2.sr–1.mol–1 [162]. Consequently, 

polymers like PS produce higher Raman intensity compared to PE and PP when their 

diameters are the same. 

 The third factor to consider in SERS is the design of the SERS substrate 

surface. The electromagnetic (EM) enhancement activity is directly influenced by the 

engineering of the metal nanostructure and the choice of materials for the SERS 

substrate. The selection of substrate materials depends on their ability to exhibit 

plasmonic excitonic activity at the excitation wavelength. Metal nanostructures such 

as gold (Au), silver (Ag), and copper (Cu) are known to support light-excited surface 

plasmons and offer excellent SERS enhancement capabilities. Ag NPs, for example, 

exhibit plasmon resonances in the visible and near-infrared regions, while Au and Cu 

NPs are often used to excite plasmons in the infrared and near-infrared regions [163]. 

Additionally, semiconductors and dielectric materials with high stability can also be 

used to construct SERS substrates. However, their SERS enhancement capabilities are 

generally limited [164-166]. A plasmonic nanostructure with a high hot spot density 

could create a high amplification of SERS. The enhancement factor (EF), which is 

determined using the equation below, is the fundamental metric for evaluating the 

SERS substrate performance; 

EF= 
ISERS/NSERS

IRS/NRS

 

Where IRS and ISERS are the ordinary Raman intensity and SERS intensity, and NRS 

and NSERS are the numbers of molecule analytes by ordinary Raman and SERS. 
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 The SERS technique offers significant advantages in detecting and identifying 

small numbers of analytes, including single molecules, by effectively enhancing their 

Raman signals. As a result, this technique can be particularly useful in detecting and 

identifying tiny plastic particles, especially those with sizes smaller than 1 µm or 

NPLs with weaker Raman intensity.  

 Based on the information provided earlier, the SERS technique holds great 

potential for the detection of NPLs that are smaller than the detection limit of 

conventional Raman spectroscopy [49, 56, 57, 69, 154]. By utilizing engineered 

metallic nanoparticle substrates, the SERS technique can greatly enhance the Raman 

signal of tiny plastic particles in close proximity to the metal interface. With this 

principle in mind, we can expect that the detection and identification of MNPLs, 

particularly those with sizes smaller than 1 µm and at low concentrations, can be 

achieved by applying SERS. 

2.3.4.2 Detection of NPLs employing SERS  

 Detecting NPLs using the SERS technique and optimizing the plasmonic 

hotspots for achieving a high SERS enhancement factor present significant 

challenges. In this regard, substrates composed of nanoparticles with sharp edges, 

such as nanocubes and nanostars, have shown effectiveness in enhancing the 

scattering signal compared to spherical nanoparticles or aggregates [167, 168]. 

Optimizing the laser power is also crucial for NPL analysis since the temperature 

around the hotspots can reach up to 200 °C [169], exceeding the glass transition 

temperature (Tg) of the most common plastics. Such high temperatures can lead to 

variations in peak intensity and alterations in the physical properties of NPL particles. 

Hence, optimizing both laser wavelengths and power is necessary [167]. It is worth 

mentioning that the application of the SERS technique in the field of NPL detection is 

still in its early stages. Current research in this area is summarized in Table 1. 

 Because the fabrication of a SERS hot spot is a possible way to detect NPLs, 

many scientists have developed a novel method to create hotspots for NPLs signal 

amplification based on novel SERS substrates. 
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Table 1. Summarizes the literature detail of SERS substrate-based metal 

nanostructured for NPLs detection and identification 

SERS substrate type of NPLs lowest LOD detection range ref. 

AgNPs colloid 
PS (100 and 500 nm), PP, 

and PE (10 µm) 
40 µg/mL 

+ good EF  

‒ not suitable for actual environmental samples  

‒ applicable to PS only 

[57] 

Krarite substrates 

PS (360 nm, 500 nm, 1 μm, 

2 μm, and 5 μm) and 

PMMA (360 nm, 500 nm, 2 

μm, and 5 μm) 

26 µg/mL 

+ real atmospheric samples  

+ good sensitivity 

‒ commercial substrate is not cost-effective  

‒ low EF 

[56] 

AgNWs/RC film PS (84 and 630 nm) 100 µg/mL 
+ low cost and flexible  

‒ high LODs, and low EF 
[61] 

AuNPs@V-shaped AAO 

SERS substrate 

PS (1, 2, and 5 µm) and 

PMMA (1 and 2 µm) 
26 µg/mL  

+ potentially scale up and low-cost  

– low sensitivity, complex composition induce fluorescence 

and low EF 

[170] 

Gold nanourchins  PS (600 nm) 83 µg/mL 

+ good sensitivity 

– not suitable for real environmental samples 

– applicable to PS only 

[66] 

Ag nanowire membrane 

PS (50, 100, 300, 500. and 

1000 nm) and PMMA (500 

nm) 

0.1 ng/mL 

+ pre-concentration of the sample, low cost, real sample 

analysis, and good sensitivity with high EF 

‒ low EF for large NPLs 

[68] 

Ag nanoparticles 
PS (50, 100, 200, and 500 

nm) 
6.25 µg/mL 

+ simple method and real sample analysis  

+ good detection range and quantification with 

recovery studies 

‒ high LODs 

[171] 

spherical gold nanoparticles 
PS (161 and 33 nm) and 

PET (62 nm) 
10 µg/mL 

+ rapid, simple, and effective methodology 

‒ high LODs and low reproducibility  

‒ high concentration required of analyte 

[67] 

SiO2 PC@Ag 
PS (100, 200, 500, 800, and 

1000 nm) 
5 µg/mL 

+ better than Klarite, low LODs, and  good linear response 

‒ the same shape of nanoplastics used 
[60] 

AuNPs 
PS (500 nm 1, 5 nm) and 

PMMA (300 and 1000 nm) 
250 μg/mL 

‒ a rapid and simple method and real sample analysis  

‒ optimization of parameters 

+ size variation in nanoplastics is lacking 

[172] 

AgNPs PS (50 nm) 200 μg/mL 

+ simple detection of PS up to 50 nm  

+ use of automated Raman mapping 

‒ no quantification or other studies 

[69] 

AuNSs@Ag@AAO 

substrates 

PS (400, 800, 2300, 4800 

nm) 
50 μg/mL 

+ good sensitivity for smaller size nanoplastics, real water 

sample analysis and no effect of natural organic matter 

‒ not good for larger-size nanoplastic 

‒ same shape of nanoplastic used 

[58] 

Anodic Aluminum 

Oxide/MoS2/AgNPs 
PS (100, 200, 300 nm) - 

+ use of hotspot engineering  

+ good for small-size nanoplastics 

‒ commercial substrate and no-real sample analysis 

‒ focus on spherical shape nanoplastic only 

[173] 

gold nanopore PMMA (10 nm) 500 μg/mL 

+ highly flexible substrate and qualitative and quantitative 

information for single analysis 

‒ no-real sample analysis and methodology is quite complex 

[62] 

Gold-modified sponge 

substrates 

PS, PET,PE, PVC, PP, and 

PC (80-150 µm) 
100 μg/mL 

+ qualitative and quantitative analysis 

+ various plastic types used 

+ real-world sample analysis 

‒ high volume of samples required 

[174] 
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Figure 4 (a) TEM images of PSNSs and PSNSs/AgNPs cluster with their Raman and 

SERS spectra [57]. (b) schematic of the SERS preparation process using PS NPs and 

AgNPs in the presence of KI before SERS detection [171]. (c) schematic drawing of 

SERS detection by drop-casting of NPLs containing AgNPs and MgSO4 solution on 

silicon wafer [69]. (d) schematic illustration of the different metal nanostructures 

exposed to the hotspot for detecting NPLs using the SERS technique [175]. 

 Lv et al. [57] conducted a study where inorganic salts, specifically NaCl, were 

used to facilitate the aggregation of NPLs and enhance interparticle contact, 

generating numerous SERS hotspots. This method successfully determines the 

chemical composition of PSNSs in aqueous solutions. In the experiment, SERS 

substrates based on AgNPs were synthesized in the laboratory and mixed with PS, PE, 

and PP particles to enhance their Raman signal. NaCl was also introduced to the 

mixture of plastics and AgNPs to induce aggregation and the formation of clusters, 

which in turn provided a large number of SERS hotspots to amplify the Raman signal 

of the plastics. The PSNSs/AgNPs cluster demonstrated significant SERS activity 

compared to PSNSs alone (Figure 4a), allowing this approach to detect 100 nm plastic 

particles down to 40 µg/mL with an enhancement factor of about 4 ×104. 

 Furthermore, Hu et al. [171] conducted a similar approach to detect NPLs in a 

solution by utilizing potassium iodide (KI) as an aggregating agent for AgNPs and as 
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a cleaner for surface impurities (Figure 4b). In this study, NPLs with particle sizes 

ranging from 50 nm‒500 nm are individually mixed with AgNPs solution and KI to 

generate NPLs/AgNPLs clusters before measuring the SERS signal. The detection of 

NPLs by this method was proven to be sensitive, efficient, and highly repeatable with 

low influence from interfering agents, effectively used to discriminate 100 nm of 

PSNSs as low as 6.25 µg/mL in pure water. 

 Later, Zhou et al. [69] developed a SERS substrate utilizing AgNPs to detect 

PSNSs in the presence of MgSO4 using the SERS mapping technique. The detection 

of NPLs in a dry stage was achieved by drop-casting an aqueous mixture of PSNSs, 

AgNPs, and MgSO4 onto a silicon wafer. The presence of MgSO4 in the droplet 

facilitated the rapid and dense reuniting of AgNPs and PSNSs on the silicon wafer 

during water evaporation, allowing for direct mapping of the dry droplet (Figure 4c). 

This method enabled the detection of PSNSs as small as 50 nm, with a limit of 

detection (LOD) of approximately 5 µg/mL for river water spiked samples. However, 

the technique suffers from limitations in terms of reproducibility and its applicability 

to other types of NPLs, such as PE, PP, and PVP. 

 In contrast to the method developed by Caldwell et al. [59], a different 

approach was employed in this study. A solution of AuNPs was prepared and applied 

to soak a glass cover slide, ensuring a uniform distribution of AuNPs on the surface. 

Subsequently, PS and PET NPLs suspensions were dropped onto this SERS substrate. 

The SERS signal of NPLs was measured at the edge of the dry droplet, where a higher 

concentration of NPLs is typically observed (i.e., drop edges, particle aggregates, or 

drying clusters). Using this SERS methodology, PS and PET particles could be 

detected at concentrations as low as 10 µg/mL and 15 µg/mL, respectively, with an 

enhancement factor of up to 446. However, it is worth noting that the limit of 

detection for NPLs in this study remains relatively high compared to environmental 

samples, estimated to be in the range of 1 ng/mL to 1 pg/mL.  

 According to the previous study, using spherical metallic nanostructures and 

aggregates to detect plastic particles can pose challenges in achieving effective 

plasmonic hotspots (Figure 4d). The difference in size between the NPLs and the 

metal nanostructures makes it difficult for the NPLs to come into proximity with the 

hotspots, limiting the SERS effect. To address this issue, Lee et al. [8], synthesized 
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gold nanourchins (urchin-shaped NPs with irregular spikes around the core: AuNUs) 

and employed them as a SERS substrate. A solution containing NPLs and AuNUs was 

drop-casted onto aluminum foil, resulting in the aggregation of the AuNUs around the 

NPLs particles, facilitating SERS enhancement (Figure 5a). As a result, NPLs with a 

diameter of 600 nm can be effectively detected and identified by this SERS technique. 

 Chang et al. [60] developed a novel nanowell SERS substrate consisting of 

self-assembled SiO2 particles coated with silver films (SiO2PC@Ag). The substrate 

was created using an interfacial assembly method to fabricate opal-structured 

assemblies of SiO2 nanospheres. A thin layer of AgNPs was sputtered onto the SiO2 

nanospheres to achieve the SERS effect. Due to the coffee ring effect, when NPLs 

were drop-casted onto the substrate, they would position themselves within the 

nanowells, as depicted in Figure 5b, facilitating data acquisition. The SiO2PC@Ag 

substrate exhibited higher sensitivity for NPLs detection compared to the commercial 

Karite substrate (Figure 5c compared to Figure 5d). Moreover, single PSNSs with 

particle sizes as small as 200 nm in deionized water could be detected at 

concentrations as low as 0.5 µg/mL. However, in the case of complex environmental 

samples such as bottled water, tap water, and river water, the presence of interfering 

substances increased the limit of detection (LOD) to 5 µg/mL. 

 Because hotspots play a significant role in the SERS detection of NPLs, 

researchers try to create the metal nanostructure to dominate orderliness and stability. 

On the other hand, the organized structure may link theoretical simulation with 

observable data. Highly ordered metal nanostructure arrays enable NPLs detection 

and even Raman imaging of individual nanoplastics. Xu et al. [56] developed a 

system using a commercial Karite substrate (Figure 6a) consisting of a dense grid of 

gold-inverted pyramidal cavities. These cavities act as hotspots that amplify the 

Raman signal of the sample, improving detection sensitivity. The drop-casting 

technique was employed to evaluate the SERS signal of the Karite substrate when 

NPLs were present. However, due to the small size of NPLs (less than 500 nm), it 

becomes challenging to locate and collect data from individual particles using a 

Raman microscope. To overcome this challenge, Raman imaging was utilized to 

rapidly detect NPLs on the Karite substrate at random positions without prior 

knowledge of their locations (Figure 6b).  
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Figure 5. (a) TEM image of AuNUs/PSNSs cluster and the onset of SERS signal of 

AuNU: PSNSs (1:1 ‒ 5:1) [66]. (b) schematic of nanowell preparation and SEM 

image of PSNSs with various diameters on SiO2PC@Ag and Klarite substrates. (c) 

SERS spectrum of NPLs on SiO2PC@Ag and (d) Klarite substrates [60]. 
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This approach successfully mapped NPLs with particle sizes as small as 360 nm 

under ideal conditions and 460 nm when isolated from ambient airborne particles. 

 Liu et al. [170] developed a SERS substrate using V-shaped nanopores 

fabricated from anodized aluminum oxide (AAO). The AAO template was then 

sputtered with AuNPs to create an AuNPs@V-shaped AAO SERS substrate (Figure 

6c). NPLs were drop-casted onto the substrate, and data were acquired from 

individual plastic particles on the substrate, as shown in the SEM image (Figure 6d). 

This SERS substrate enabled the detection of MPLs with particle sizes of 2 µm and 5 

µm. However, detecting nano-sized plastic particles using this approach remains 

challenging. Compared to the standard Karite substrate, which shares a similar 

inverted-cone nanostructure and metal NPs, the Karite substrate outperformed the 

AuNPs@V-shaped AAO substrate in SERS performance. This is attributed to the 

larger average top diameter of the Karite substrate (1.5 μm) compared to the V-shaped 

AAO nanopores (400 nm), allowing for better accessibility of particles to the regions 

of the strongest electric field. Another reason is that the deposition of metal NPs on 

the AAO structure may lead to disordered deposition and random aggregation of 

metal NPs, which hinders the ordered structure from plasmonic coupling effects. 

Nevertheless, the proposed AuNPs@V-shaped AAO SERS substrate offers a cost-

effective solution for the large-scale detection of MPLs. 

 Similar to the previous study, Le et al. [58] fabricated V-shaped nanopores in 

an AAO template and inserted silver-coated gold nanostars (AuNSs@Ag) into the pits 

to enhance the detection of MPLs (Figure. 6e). The AuNSs exhibited a highly 

localized electric field intensity concentrated near the tip region of the nanostar 

spikes. The formation of dimer structures within the AAO pore further enhanced the 

electric field intensity at the nanogap, as depicted in Figure 6f. Moreover, the coating 

of Ag on AuNSs significantly improves the electric-field density by a factor of 3. This 

provides AuNSs@Ag@AAO substrate yields the strongest SERS signal of NPLs due 

to the plasmonic of AuNSs@Ag@AAO substrates can be resonant well with NPLs 

materials, resulting in the significant enhanced of PSNSs signal of 400 nm down to 50 

µg/mL. (Figure 6g). 
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Figure 6. (a) schematic drawing of NPLs detection in the atmospheric environment 

by Karite substrate utilized mapping technique, and (b) mapping image of NPLs with 

particle size 360 nm (up) and 500 nm (down) obtained from the mapping area on 

Karite substrate shown in OM image [56]. (c) schematics drawing of AuNPs@V-

shaped AAO substrate fabrication process and (d) SEM image of PSMSs (diameter = 

2 μm) on AuNPs@V-shaped AAO substrate in different magnifications [170]. (e) 

schematic drawing of AuNSs@Ag@AAO substrate preparation and (f) COMSOL 

simulation of the localized electromagnetic fields of the AuNSs monomer, 

AuNSs@Ag monomer, and AuNSs@Ag dimer (3D model) and (g) SEM images of 

400 nm of PS particles on the SERS substrate with their SERS spectra at different 

concentrations [58]. 
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 In the same way, Li et al. [173] proposed a particle in the cavity of an AAO 

structure covered with MoS2 and immobilized with AgNPs. By treating and 

modulating the cascaded optical-field mode within the cavity, the redesigned AAO 

cavity structure with MoS2/AgNPs effectively combines both surface hot spots 

(SHSs) or localized hotspots (LHSs) and volume hot spots (VHSs). In this study, 

NPLs were detected by immersing the substrate in a suspension of NPLs, allowing the 

NPLs to insert into the cavities of the substrate, as shown in the SEM image in Figure 

7a. The results showed that the SERS intensity of PSNSs with a diameter of 100 nm 

was approximately 1.5 times greater than that of NSs with diameters of 200 and 300 

nm, due to variations in the arrangement of LHSs and VHSs within the distinct 

structure (Figure 7b). The presence of more NPL spheres within the cavity amplified 

the scattering effect, enhancing the combination of LHSs and VHSs with smaller 

NPLs. Therefore, this approach allowed for better identification and detection of 

NPLs with particle sizes less than 300 nm in water (Figure 7c-d). 

 In contrast to rigid substrates such as glass and silicon wafers, porous 

structure-based polymer provides superior flexibility and 3D structure, allowing for 

the fabrication of high SERS performance-based detection. Yin et al. [174] utilized a 

flexible and porous gold-modified sponge as a SERS substrate for detecting plastic 

particles in various testing environments without the need for sample pretreatment. In 

this work, the substrate was fabricated using a layer-by-layer assembly. As illustrated 

in Figure 8a, the sponge was first soaked in a PDDA solution and then exposed to an 

AuNPs solution, forming a gold-modified bowl-shaped structure on the sponge 

surface. MPLs suspended in different water samples were filtered and trapped within 

the sponge structure for analysis. This method enabled the detection of MPLs in 

seawater, snow, river, and rainwater. However, due to the relatively large pore size of 

the sponge (average diameter = 39 µm), as shown in Figure 8b, NPLs with sizes 

larger than 1 µm would not be captured and examined using this method. 

Additionally, this approach required a large volume of samples and employed a high 

concentration of MPLs (100 µg/mL) for detection. 

 In addition, utilizing regenerated cellulose (RC) film as a support layer may 

increase NPLs detection performance. According to Jeon et al. [61] SERS-active 

array substrates with RC and plasmonic nanoparticles (Au nanorods (AuNRs) and Ag 
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nanowires (AgNWs)) were fabricated using a simple vacuum-assisted filtering 

technique with a silicon mask for rapid NPLs detection (Figure 8c). When a plastic 

solution was drop-casted onto the substrate, PSNSs as small as 84 nm were 

successfully trapped within the RC film (Figure 8d) and detected with high 

sensitivity. The comparison between AuNRs and AgNWs-based RC substrates 

showed that AgNWs exhibited stronger SERS activity due to their strong plasmonic 

effect, resulting in a larger number of active hotspots and a higher enhancement factor 

(1.8 × 107) compared to AuNRs (5.4 × 106). However, using both metal nanoparticles 

demonstrated sufficient sensitivity for NPLs detection in water, the concentration 

required for detection was still relatively high (100 µg/mL).  

 To address the issue of low LOD, Yang et al. [68] proposed a hybrid method 

that combines membrane filtration and SERS for the analysis of trace NPLs in water. 

They utilized a bi-functional nanowire membrane consisting of self-assembled silver 

nanowires (AgNWs) to enrich the nanoplastics and enhance their Raman signal for 

detection. The fabrication of the SERS substrate involved the flow-through method, 

as depicted in Figure 8e. A commercial filter paper with a pore size of 15‒20 µm was 

used as a support, and the AgNWs solution flowed through it to form the AgNWs 

membrane via self-assembly. The NPLs suspension was then passed through the 

membrane, where the NPLs were trapped on the substrate, enabling SERS 

measurement with Raman mapping in situ. With this approach, NPLs as small as 50 

nm could be trapped by the AgNWs on the substrate (Figure 8f). The Raman 

mapping technique allowed for the detection of NPLs with a diameter of 50 nm at a 

concentration as low as 0.1 ng/mL (Figure 8g), which is comparable to the natural 

concentration of NPLs found in environmental samples. 

 According to the study findings, numerous researchers have developed the 

SERS technique for practical applications. SERS technology has significant benefits 

in evaluating NPLs and provides a method for detecting NPLs in the actual world. 

However, the size-dependent effect poses a challenge for detection, as the SERS 

intensity of NPLs is influenced by their size rather than their concentration. This 

limitation hinders the construction of standard curves for quantitative analysis of 

NPLs and limits the linear range for their quantification. For instance, when using the 
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Figure 7. (a) SEM image of Si/MoS2/Ag substrate with PSNSs with different sizes 

(i.e., 100, 200, and 300 nm). (b) electric-field distributions in AAO/MoS2/Ag cavities 

by employing FDTD simulations. (c) Raman and SERS spectra of AAO/MoS2/Ag, 

Si/MoS2/Ag, and Si substrate with different sizes of PSNSs. (d) comparison of the 

SERS intensity ratio of NPLs with different sizes [173].  
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Figure 8. (a) schematic illustration of AuNPs decorated sponge to detect MPLs in 

water and (b) OM images of sponge substrates [174]. (c) schematic illustration of the 

fabrication of PNPs/RC films and (d) SEM image of 84 nm PSNSs on an AgNWs/RC 

film [61]. (e) preconcentration and detection of NPLs using membrane filtration and 

SERS, (f) SEM images of 50 nm standard PSNSs retained on the membrane, and (g) 

Raman mapping images of 50 nm PSNSs with concentration of 0.1 ng/mL [68]. 

Karite substrate, SERS signals from NPLs of different sizes exhibited varying 

intensities. This is attributed to the variation in enhancement power associated with 

different NPL sizes. The plasmonic electric-field distribution within the Karite cavity 

is concentrated in the lower portion, and NPLs with a diameter of 360 nm fit precisely 

within this region where the plasmonic electric field is strongest, resulting in a more 

pronounced SERS activity compared to larger NPLs with diameters of 500 nm or 

larger located in the upper portion of the cavity [56]. 
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 Furthermore, suspension-based detection methods also encounter challenges 

due to the size-dependent effect, as different-sized NPL particles (such as 300 nm and 

500 nm) exhibit varying aggregations, leading to fluctuations in SERS activity caused 

by changes in hot spot distribution [57]. Moreover, even when a linear range is 

established, the limit of detection (LOD) for plastic particles of different sizes can 

vary significantly. For instance, in the study by Hu et al. [57], the LOD values for 

detecting PSNSs with diameters of 50 nm, 100 nm, and 200 nm at the same 

concentration differed. The LOD values were approximately 12.5 µg/mL, 6.25 

µg/mL, and 25 µg/mL, respectively. This discrepancy in LOD values directly arises 

from the size-dependent effect, which has been a limiting factor for the quantitative 

detection of NPLs using the SERS technique. Therefore, there is an urgent need for a 

new SERS strategy to mitigate the size-dependent effect and accurately quantify NPL 

concentrations in environmental samples, regardless of their size, in order to assess 

their ecological hazards. 
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CHAPTER III 

MATERIALS AND METHODS 

3.1 Materials  

 All chemicals were purchased from different suppliers: PS beads with 

diameters of 100, 300, 600, and 800 nm, albumin, magnesium chloride (MgCl2), 

sulfuric acid (H2SO4), and hydrogen peroxide (H2O2) were purchased from Sigma-

Aldrich. Sodium chloride (NaCl), calcium chloride (CaCl2), and potassium chloride 

(KCl) were obtained from Carlo Erba Reagents. Glucose and galactose were 

purchased from Univar. Fructose, sucrose, arabinose, sodium dodecyl sulfate (SDS), 

and toluene were purchased from VWR Chemicals, Ajax Chemical, Fluka 

BioChemica, Kemaus, and RCl Labscan, respectively. Ultrapure water (18.2 MΩ‧cm 

at 25°C) was produced using a Milli-Q gradient system from Massachusetts, United 

States. Tap water was sourced from the 10th-floor, Faculty of Science, Chulalongkorn 

University, Bangkok, Thailand. Chaophraya river water was collected from 

ICONSIAM, Bangkok, Thailand. Mineral water (Purrá) was commercially available 

by Singha Company Co., Ltd, Thailand.  

3.2 Preparation and characterization of SERS substrate  

 A glass cover slide was used as a support to prepare the SERS substrate. To 

remove any organic contaminants, the glass slide was first soaked in Piranha solution 

(H2SO4 : H2O2, 2:1v/v) overnight. After cleaning process, the glass slide was coated 

with gold particles using a gold sputtering equipment (Quorum, Q150R S, Leica, EM 

CPD300, United Kingdom). The sputtering process involved applying a voltage of  

15 mA and maintaining a distance of approximately 7 cm between the sample surface 

and the probe. The sputtering time varied from 30, 60, 90, 120, 150, to 180 s, which 

was the maximum sputtering time/round of the instrument. AFM instrument (Seiko 

Instruments, SPI3800N / SPA400, Japan) was also used to characterized surface 

roughness and thickness of SERS substrates in this study.  
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3.3 SERS measurement 

 Five hundred µL of PSNSs suspension were dried in glass vial under vacuum 

conditions to remove an water medium. Next, 50 µL of toluene was added to dissolve 

the PS particles, resulting in a homogeneous solution. This dissolution process took 1 

minute, and the NPLs (presumably referring to the PSNSs) were completely dissolved 

in toluene, as observed in Figure S1). Then, a 3 µL droplet of the PS solution was 

placed on the previously prepared SERS substrate surface and allowed to dry, forming 

a thin PS film. SERS spectra of the PS films were recorded using a Raman 

microscope (Thermo Scientific DXR Raman microscope, USA), equipped with a 532-

nm excitation laser and a 100X objective lens. For each sample, SERS spectra were 

collected from 3 different droplets, and within each droplet, 5 spectra were acquired 

from different regions. To prevent damage of the PS film as an analyte due to heating, 

the laser power was optimized to 5 mW for the measurements. The exposure time and 

accumulation number were both set to 2 s, and the laser spot size was approximately 

0.5 µm. 

3.4 Preparation of real-world media samples 

 In this study, various types of real-world media such as tap water, mineral 

water, and river water were chosen. Initially, 10 wt.% of PSNSs with sizes of 100, 

300, 600, and 800 nm were combined in equal ratios (1:1:1:1). Instead of using Mili-

Q water, each step of the dilution process involved the addition of the each real-world 

media separately. The resulting mixture was then used to create NPLs at different 

concentrations ranging from 10, 20, 30, 40, 50, 60, to 70 µg/mL, with a total volume 

of up to 500 µL.  
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CHAPTER IV  

RESULTS AND DISCUSSION 

4.1. Characterization of SERS substrate 

 To optimize the enhancement factor of the SERS substrate, the sputtering time 

for gold coating was varied at 30, 60, 90, 120, 150, and 180 s. The surface roughness 

(Figure 9a) and thickness (Figure 9b) of the gold coating on the substrate were 

examined using AFM micrographs. The results suggest that the sputtering time has an 

influence on the roughness and thickness of gold on the glass slide surface, which 

could directly affect the SERS intensity of NPLs. However, as shown in Figure 9c, 

the surface roughness of the SERS substrates did not significantly differ when the 

sputtering time was between 60 to 180 s, indicating that a sputtering time exceeding 

60 s can achieve uniformity of the SERS substrates. It also implies that the surface 

roughness of the SERS substrate at any sputtering time might not have a significant 

impact on the SERS enhancement. The SEM technique was also employed to 

examine the surface morphology of the SERS substrate, and the results showed 

similar characteristics when the sputtering time exceeded 60 s (Figure S2). 

Conversely, the sputtering time did affect the linear increase in gold film thickness, 

with measurements of 11.3, 15.5, 19.6, 23.8, 28.1, and 32.1 nm, as shown in Figure 

9d. The increase in film thickness is attributed to the deposition of more gold particles 

on the SERS substrates over time. This deposition process enables the SERS 

substrates to amplify the Raman intensity of NPLs analytes. Figure 9e, demonstrates 

that the SERS intensity of PS (specifically the intensity at 1005 cm–1, I1005, 

corresponding to the ring breathing mode of PS) increases with an increase in film 

thickness. The SERS spectra of PS on the SERS substrate at different sputtering times 

are provided in Figure S3. Notably, the substrate with a gold thickness of 

approximately 32.1 nm exhibited the highest SERS intensity for the NPLs, with an 

enhancement factor reaching 4.2 × 108 (detailed calculation can be found in 

Supplementary Material, Figure S4). This can be attributed to the dense 

electromagnetic field at the surface of the SERS substrate. Moreover, the SERS 

performance uniformity of the SERS substrate at a sputtering time of 180 seconds is 

not significantly different from the others. This is supported by the standard deviation 
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values of SERS intensities from NPLs at different sputtering times, which were 9.82, 

10.67, 7.58, 10.46, 7.04, and 10.39 for the sputtering times of 30, 60, 90, 120, 150, 

and 180 s, respectively. Consequently, the SERS substrate with a sputtering time of 

approximately 180 s (exhibiting the highest SERS activity) was chosen for further 

measurements of NPLs. 

 

Figure 9. AFM micrographs of the SERS substrate show (a) surface roughness and 

(b) gold film thickness of the SERS substrate with a 180-second sputtering time. Plots 

of (c) roughness versus sputtering time, (d) gold film thickness versus sputtering time, 

and (e) I1005 versus gold film thickness. PS latex beads with a diameter of 600 nm 

were prepared at the concentration of 10 µg/mL, for these SERS measurements. 
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4.2. Standard calibration curve for PSNPs with various particle sizes 

 The SERS spectra were collected at the edge of the dried droplets, where the 

PS molecules formed a film on the surface of the SERS substrate. These spectra were 

used to construct standard calibration curves for quantitatively measuring PS particles 

in aqueous media. An optical microscope (OM) image in Figure 10a shows the PS 

film on the SERS substrate at the edge of the dried droplet. Data collection was 

performed along the edge of the film as indicated in Figure 10a(i-v). Due to the 

coffee-ring effect, the edge appears thicker compared to the middle region. This effect 

is caused by solvent evaporation in PS solutions, leading to capillary flow and the 

migration of PS molecules from the center to the rim of the droplet. Consequently, 

after drying, PS molecules are concentrated along the edge of the droplet. The SERS 

spectra acquired from different locations along the border are shown in Figure 10b(i-

v). It can be observed that the spectra from these locations exhibit similar patterns, 

especially in the range of 600-1600 cm–1, which are the unique fingerprint spectra of 

PS polymer (see Figure S5). These SERS spectra resemble the spectrum of the 

original PSNSs, indicating that the toluene solvent can dissolve PSNSs without 

altering the chemical properties of PS molecules. The prominent characteristic peaks of 

PS can be observed in the SERS spectra, including peaks at 623, 1005, 1030, 1201, and 

1607 cm−1, corresponding to the ring deformation mode, ring breathing mode, C–H in-

plane deformation mode, C–C stretching mode, and ring skeletal stretching mode, 

respectively. [176, 177]. Furthermore, the SERS spectra of PS appear clean and clear, 

without interference from the toluene solvent spectrum, as it evaporates rapidly, 

leaving behind the PS molecules to be detected at the dried droplet edge. Table S1 

provides a comprehensive overview of the peak assignments based on the peak 

positions of PS. Among these peaks, the peak at 1005 cm−1 has been commonly used 

in previous investigations [49, 57, 178] to confirm the presence of PS polymer due to 

its strong Raman signal compared to other peaks. [56]. Therefore, in this study, a 

calibration curve was developed using the unique peak at 1005 cm−1 for the 

quantitative determination of NPLs in aqueous media. 
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Figure 10. (a) OM image and (b) SERS spectra of PS film (i–v) at the edge of, (vi) 

inside, and (vii) outside the dried droplet. The experiment was carried out using 

PSNSs with a particle size of 600 nm at a concentration of 10 µg/mL. 

 However, in Figure 10b, the spectrum of PS could not be detected at positions 

‟vi” and ‟vii”, which correspond to locations inside and outside the dried droplet, as 

indicated by the OM image in Figure 10a. The results indicate that the evaporation of 

the PS droplet leads to the accumulation of PS molecules at the droplet boundary, a 

phenomenon known as the coffee-ring effect. This effect is advantageous for the 

preconcentration of plastics, especially at extremely low concentrations. [179-181]. 

Additionally, using this phenomenon, the SERS spectra of plastics become prominent 

even at a concentration of 10 µg/mL, which has not been utilized for the 

quantification of NPLs in previous studies [57, 58, 61, 69, 174]. Consequently, this 

SERS approach enables the detection of NPLs even at low concentrations. Figure 11a 

displays the SERS spectra of PS in the 990–1020 cm−1 region for various PS 

concentrations (i.e., 10, 20, 30, 40, 50, 60, and 70 µg/mL) using PSNSs with a particle 

size of 600 nm. Typically, the intensity of I1005, which corresponds to PS, is expected 

to increase as the concentration of NPLs increases. However, it was observed that the 

signal of PS polymer only changed within the concentration range of  10 to 40 µg/mL. 

The SERS intensity of PS did not show significant changes at concentrations above 

40 µg/mL. This can be attributed to the thickness of the PS film, which may exceed 

the enhancement area provided by the gold layer, as illustrated in Figure 12. As a 

result, the enhanced electric field from the SERS substrate cannot effectively reach 
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the top part of the PS film. It should be noted that molecules can be normally 

enhanced when they are in close proximity to the metal surface with a distance of less 

than 10 nm, as supported by previous studies [163, 182]. This is the reason why the 

SERS intensity did not further increase but remained constant at approximately 215 

cps when the PS concentration exceeded 40 µg/mL, as shown in Figure 11b. 

 Additionally, the same experimental procedure was conducted using PSNSs 

with other particle sizes (i.e., 100, 300, and 800 nm), and a similar trend was observed 

(Figure S6) compared to the PSNSs with a particle size of 600 nm shown in Figure 

11a. This finding indicates that our proposed preparation procedure effectively 

eliminates the size-dependent effect caused by different sizes of PSNSs. 

Consequently, this result provided motivation for testing PSNSs with mixed particle 

sizes in the subsequent section. 

 To assess the influence of PS particle size on the construction of standard 

calibration curves, PS particles with sizes of 100, 300, 600, and 800 nm were utilized. 

The limits of detection (LODs) were determined based on the standard deviation of 

the response (σ) and the slope of the calibration curve (S), using the equation, 𝐿𝑂𝐷 =

3.3𝜎

𝑆
. Based on Figure 4b, the SERS intensity of NPLs with different sizes at the same 

concentrations exhibited no significant differences. This finding demonstrates the 

ability of the method to overcome the size-dependent effect of NPLs. Moreover, this 

method can be employed for quantitative analysis of PSNSs within the concentration 

range of 10–40 µg/mL with LODs of 0.26, 0.17, 0.10, and 0.10 µg/mL for the PSNSs 

with particle sizes of 100, 300, 600, and 800 nm, respectively. 

 In comparison to mass spectroscopic methods like pry-GC-MS, our SERS 

quantitative detection method involves several steps due to the absence of sample 

preprocessing techniques in pry-GC–MS. Pry-GC–MS, on the other hand, is a time-

consuming approach with a complex operational process. It requires manual 

placement of particles into a pyrolysis tube and can analyze only one MPLs per cycle, 

which is insufficient for large sample volumes. In contrast, the SERS technique offers 

a more rapid and straightforward approach and has the potential to be utilized for on-

site quantitative analysis. 
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Figure 11. (a) SERS spectra of PS in the region of 990–1020 cm−1 at different PS 

concentrations, and (b) standard calibration curves of PS with particle sizes of 100, 

300, 600, and 800 nm. 

 

Figure 12. Schematic drawing for the SERS enhancement area of the substrate. PS 

films are deposited (a) in and (b) over the enhancement area of the SERS substrate. 

4.3 Effect of interferences 

 In this section, we added individual interferences to DI water as part of our 

evaluation process to determine the selectivity of our protocol in detecting NPLs. The 

concentration of NPLs remained constant at 10 µg/mL for each particle size, while 

each interference substance was prepared at a concentration of 0.1 wt.%. We 

measured the SERS spectra of each individual interference, as depicted in Figure S7. 

It can be seen that the Raman spectra of salts such as NaCl, KCl, MgCl2, and CaCl2 

could not be observed since they do not exhibit Raman activity. However, sugars (i.e., 

sucrose, glucose, fructose, arabinose, and galactose) and a detergent (SDS) produced 
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strong SERS signals in the 3200–2800 and 1600–300 cm−1 regions. Additionally, 

albumin protein showed a distinct Raman fingerprint, particularly at the peak of 1005 

cm−1, which coincides with the peak of the PS used for evaluation in our study. 

Notably, the presence of albumin has the potential to influence the detection, 

identification, and quantification processes of NPLs. 

 Fortunately, the suspension of NPLs along with each interference was dried 

and then redissolved using an organic solvent before being applied to the SERS 

substrate for data acquisition. In this particular step, toluene, an organic solvent with 

non-polar properties, was utilized as a suitable medium to completely dissolve the PS 

beads, which are non-polar polymers. This choice was based on the principle that 

"like dissolves like." As a result,  the various interferences (which are polar 

substances) that typically dissolve in water (a polar solvent) were effectively 

separated during this process. Consequently, the concentration of interferences in the 

PS solution was significantly reduced before it was dropped and dried onto the SERS 

substrate. Additionally, it was observed that during the drying process on the 

substrate, a tiny amount of interference was dried and separated from the edge of the 

PS film, as clearly demonstrated in Figure. 13a. The SERS signals of the PS film in 

the presence of interference were collected from the square area on edge labeled from 

‟i”–‟v”. This area also contained the dried droplet labeled from “vi”–“ix”, 

  

Figure 13. (a) OM image and (b) SERS spectra of PS film prepared from 600-nm 

PSNSs suspension with SDS interference using our proposed method at different 

positions.  
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where the presence of both PS and interference was detected. The SERS spectra 

shown in Figure 13b confirm the existence of PS and interference in the region 

labeled “i”–“ix” in Figure 13a. 

 The acquisition area between “i”–“v” exhibited a strong and clear PS spectrum 

without any interference signal (such as SDS) noticeable in the spectrum. On the other 

hand, the SDS spectra obtained within the droplet region labeled from “vi”–“ix” 

showed a distinct peak at around 2880 cm–1 without the presence of the PS signal. 

This demonstrates the high effectiveness of our preparation procedure in detecting 

PSNSs, which exhibit a strong signal even at a low concentration (10 µg/mL). Figure 

13(a‒b), consistently display the SERS spectrum of PS, as the interference and PS 

were deposited separately onto the SERS substrate in distinct and separate areas. 

Consequently, these PS beads with nanometer diameters can be successfully detected, 

identified, and quantified even in the presence of various interferences.  

 

Figure 14. I1005 of PS films prepared from PSNSs suspensions with various 

interferences, i.e., NaCI, KCl, MgCl2, CaCl2, sucrose, glucose, fructose, arabinose, 

galactose, SDS, and albumin.  
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 Figure 14 illustrates the SERS intensity of NPLs (I1005) with different particle 

sizes (i.e., 100, 300, 600, and 800 nm) in the presence of various interferences at a PS 

concentration of 10 µg/mL. The results indicate that there is no significant variation in 

SERS intensity among NPLs with different sizes in present of salts (i,e., NaCl, KCl, 

MgCl2, and CaCl2), sugars (i.e., sucrose, glucose, fructose, arabinose, and galactose), 

detergent (SDS), and protein (albumin). This study provides confirmation that our 

preparation protocol is effective for analyzing PSNSs of different sizes in the presence 

of diverse interferences. 

4.4 Detection of PSNPs in real-world media 

 In this section, a mixture of PSNSs with diameters of 100, 300, 600, and 800 

nm was prepared using a mass ratio of 1:1:1:1. The PS concentration in the mixture 

was varied, ranging from 10, 20, 30, 40, 50, 60, to 70 µg/mL. The purpose was to 

create a standard calibration curve that can be used for quantitatively analyzing the PS 

concentration in various types of real-world media, including DI water (as a control 

medium), tap water, mineral water, and river water. 

 

Figure 15. Plots of I1005 against the PS concentration in real-world media, including 

DI water (control medium), tap water, mineral water, and river water.  
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Table 2. The LODs of previously published SERS approaches compared with our study. 

SERS substrate type of NPLs LOD media ref. 

Au nanopore fabricated at 

the tip of a glass nanopipette 

PS (20 nm) and 

PMMA (10 nm) 
500 µg/mL water (Nie et al., 2019) 

AgNPs 
PS (100 and 500 nm), 

PE and PP (10 µm) 
40 µg/mL pure water and seawater (Lv et al., 2020) 

Klarite substrates PS and PMMA 26 µg/mL 
environmental sample 

(airborne particles) 
(Xu et al., 2020) 

Ag-coated-Au nanostar 
PS (400nm, 80nm, 2.3 µm and 

4.8 µm) 
50 µg/mL 

pure water, seawater, and 

river water 
(Lê et al., 2021) 

AuNPs 
PS (161nm and 33 nm) and 

PET (62 nm) 
10 µg/mL milliQ water 

(Caldwell et al., 

2021) 

AuNPs-decorage sponge 
PET, PE, PVC, PP, and 

PS (80–150 µm) 
1 µg/mL 

seawater, rainwater, river water, 

snow water, and tap water 
(Yin et al., 2021) 

AgNWs arrays on RC films PS (630 nm and 84 µm) 100 µg/mL water (Jeon et al., 2021) 

Si-O2 self-assmbly sputtered 

with gold film 
PS (200 nm) 5 µg/mL 

bottled water, tap water, and 

river water 
(Chang et al., 2022) 

AgNPs 
PS (50, 100, 200, and 

500 nm) 
6.25 µg/mL lake water (Hu et al., 2022) 

AuNP-doped filter paper PET (20 µm) 100 µg/mL pure water (Xu et al., 2022) 

Silver Nanowire 

Membranes 

PS (100, 300, 500, and 1000 

nm) 
0.1 ng/mL water (Yang et al., 2022) 

Au-sputtered 

glass slide cover 

PS (100, 300, 600, and 

800 nm) 
0.1 µg/mL 

river water, mineral water, and 

tap water 
This work 

 The plots of I1005 against PS concentration in real-world media depicted in 

Figure 15. It is evident that the standard calibration curves for the mixed PSNSs, 

particularly in DI water, exhibit a similar trend to the previous results shown in 

Figure 11a. This similarity is attributed to our preparation method, which effectively 

eliminates the influence of plastic particle sizes by dissolving them in an organic 

solvent to create a homogeneous solution before casting them onto the SERS substrate 

and measuring the SERS spectra. As a result, the SERS intensity of NPLs is 

dependent on the concentration rather than the size of the particles. In other words, 

NPLs of various sizes exhibit the same intensity at the same concentration. This 

preparation method enabled us to accurately quantify the PS concentration across a 

range of nanoscale particle sizes. The LODs for PS in these real-world media were 

found to be 0.48, 0.53, 0.38, and 0.32 µg/mL for DI water, tap water, mineral water, and 
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river water, respectively. Furthermore, the LOD for NPLs detection achieved in this 

study demonstrates excellent sensitivity compared to several previous reports utilizing 

SERS methodology, as summarized in Table 2. The consistent LOD values across 

different real-world media suggest that the media itself does not significantly affect 

the measurement of PS nanoparticles using our proposed method. 
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CHAPTER V  

CONCLUSIONS 

 This study presents the development of a SERS approach for the analysis of 

PSNSs with particle sizes ranging from 100, 300, 600, and 800 nm, which fall below 

the detection limit of traditional Raman spectroscopy (>1 µm). By leveraging the 

‟coffee ring effect” and employing a specific sample preparation technique, SERS 

measurements were enabled, allowing for the detection of NPLs at extremely low 

concentrations across various particle sizes. The limit of detection (LOD) achieved for 

PSNSs detection was 0.10 µg/mL, with a quantitative range of analysis from 10 to 40 

µg/mL. Importantly, the SERS measurement method proved robust even in the 

presence of interferences such as NaCI, KCl, MgCl2, CaCl2, sucrose, glucose, 

fructose, arabinose, galactose, SDS, and albumin. Moreover, the proposed protocol 

was successfully applied to determine the concentration of PSNSs dispersed in real-

world media, including tap water, mineral water, and river water. The results 

demonstrate that the developed techniques are simple, cost-effective, and highly 

suitable for practical applications. The SERS technique holds great promise as a 

reliable and efficient method for detecting and quantifying NPLs in diverse media, 

making it particularly well-suited for environmental monitoring purposes.  
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APPENDIX 

SUPPLEMENTARY INFORMATION 

 

Figure S1. Light scattering of (left) the suspension of PSNSs in water and (right) the 

solution of PSNSs in toluene. NPLs particles with a particle size of approximately 800 

nm were employed. The concentration of NPLs in toluene solvent (700 µg/mL) was 

10 times higher than that of NPLs in water media (70 µg/mL). 

 

Figure S2. SEM image of SERS substrate surfaces at different sputtering times at 

20,000x magnification. 
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Figure S3. The average SERS spectra of PSNSs on a SERS substrate at different 

sputtering times (30–180 s). 

 

Figure S4. SERS spectrum of PATP on the SERS substrate and normal Raman 

spectrum of PATP on a glass cover slide at the peak of ~1088 cm-1.  
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 To calculate the enhancement factor (EF) of the substrate, the SERS substrate 

was soaked in an ethanolic solution of 1.0 × 10-2 M para-aminothiophenol (PATP) for 

1 hr, and then rinsed with ethanol to remove excess PATP. The substrate was left at 

room temperature until completely dried before measuring the SERS spectrum (100x 

objective lens and 2 mW of laser power). To measure the normal Raman of PATP, 1 

µL PATP (0.10 M) was dropped and dried on the glass cover slide before measuring 

Raman intensity. 

 The enhancement factor (EF) of a SERS substrate can be calculated as EF = 

(ISERS/IRaman) × (NRaman/NSERS) where ISERS  represents the SERS intensity of the 

characteristic peak for the analytes adsorbed on the SERS substrate, IRaman represents 

the normal Raman intensity of the same peak from the analytes on the glass cover 

slide, and NSERS and NRaman are the number of analytes in the illumination area on the 

substrate and glass cover slide, respectively.  

 As shown in Figure S4, ISERS and IRaman can be measured at the characteristic 

peak of PATP (1088 cm–1), which are equal to 85 and 304 cps, respectively.  

 By assuming that PATP is absorbed as a monolayer on the SERS substrate 

surface, NSERS can be calculated as NSERS = A/𝝈 where A is the laser illumination area 

(diameter ~0.6 µm), and 𝝈 is adsorbed area of the single PATP molecule, which is 0.2 

nm2 (Zrimsek et al., 2017). Thus, NSERS equals to 1.4 × 106 molecules. 

 The NRaman can be calculated as NRaman = A× 𝝆 where A is the laser 

illumination area (diameter ~0.6 µm), and ρ is the number of PATP molecules/area of 

the dried droplet on the glass cover slide (7.5 × 109 molecules/nm2). Hence, NRaman 

equals to 2.1 × 1015 molecules. 

 Therefore, the EF is approximately calculated as 4.2 × 108. 
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Figure S5. Normal Raman spectrum of standard PS film, normal Raman of PSNSs, 

and  SERS spectrum of PS film. The Raman spectrum of PSNSs was measured at the 

aggregate of a dry droplet of 1,000 µg/mL PS suspension (800 nm) on the glass cover 

slide, while the SERS spectrum of PS molecules was detected at the dry droplet edge 

of PS film (70 µg/mL) on top of the SERS substrate.  
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Figure S6. SERS spectra in the region of 990–1020 cm-1 of PS films prepared from 

PSNSs with different particle sizes, including (a) 100, (b) 300, (c) 600, and (d) 800 

nm. PS concentrations were varied between 10–70 µg/mL for each particle size. 
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Figure S7. SERS spectra of individual interferences at a concentration of 0.1 wt.%.  

Table S1. Peak assignments of a PS film according to peak positions. 

peak position (cm-1) assignment 

623 ring deformation mode 

800 C–H out-of-plane deformation mode 

1005 ring breathing mode 

1030 C–H in-plane deformation mode 

1157 C–C stretching mode 

1201 C6H5–C vibration mode 

1336 C–H deformation mode 

1451 CH2 deformation mode 

1587 C=C stretching mode 

1607 ring skeletal stretching mode 

2907 anti-symmetric CH2 stretching mode 

3057 aromatic C–H stretching mode 
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