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The dimethyl sulfone monooxygenase system is a two-component flavoprotein
catalyzing the monooxygenation of dimethyl sulfone (DMSO,) by oxidative cleavage producing
methanesulfinate and formaldehyde. The reductase component (DMSR) is a flavoprotein with
FMN as a cofactor catalyzing flavin reduction using NADH. The oxygenase (DMSMO) uses
reduced flavin from the reductase and oxygen for substrate monooxygenation. DMSMO can bind
to FMN and FMNH with a K, of 17.4 + 0.9 pM and 4.08 + 0.8 mM, respectively. The binding
of FMN to DMSMO is required prior to binding DMSO,. Substituting reduced DMSR with
FMNH demonstrated the same oxidation kinetics, indicating that FMNH from DMSR was
transferred to DMSMO. The oxidation of FMNH :DMSMO, with and without DMSO, did not
generate any flavin adducts for monooxygenation. Therefore, H,O, is likely to be the reactive
agent to attack the substrate. The H,O, assay results demonstrated production of H,O, from the
oxidation of FMNH :DMSMO, whereas H,0, was not detected in the presence of DMSO,,
confirming H,O, utilization. The rate constant for methanesulfinate formation determined from
rapid-quenched flow and the rate constant for flavin oxidation were similar, indicating that H,O,
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functionalized magnetic nanoparticles (CoFe20,@SiO,~Ni/NTA) to improve enzyme stability
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Rationales

Dimethyl sulfone monooxygenase (DMSMO) is a flavin-dependent two-component
enzyme, which is composed of reductase and oxygenase components. The enzyme is essential for
the bacteria sulfur assimilation pathway (Habe et al., 2007). The reductase component functions as
a flavin reduction, generating reduced flavin using NADH as an external electron donor. The
monooxygenase component accept reduced flavin from the reductase and reacted with molecular
oxygen to form an intermediate for the insertion of one oxygen atom into DMSO, substrate (Alfieri
etal., 2007) to obtain hydroxylating product (Wicht, 2016). Understanding the reaction mechanism
and product formation from DMSO, utilization enzymes may aid in the elucidation of the
metabolism of DMS, DMSO, and DMSO utilizing bacteria, leading to insight on the biodegradation
route of these substrate and application to odorless degradation of dimethyl sulfoxide (Kino et al.,

2004).



1. Introduction
1.1 Introduction to Dimethyl sulfone (DMSO,)

Volatile organic sulfur compounds (VOSCs) have a significant impact on the environment
due to their role in cloud condensation, acid precipitation and global warming (Chasteen & Bentley,
2004). The most abundant VOSCs are dimethyl sulfide (DMS) and methanethiol (MT), which are
found in large amounts in the marine environment (Bentley & Chasteen, 2004). DMS is the largest
natural source of reduced sulfur in the ocean, produced by phytoplankton and dimethyl sulfonium
propionate (DMSP). DMS tends to vaporize into the atmosphere due to its insolubility, however, it
can be oxidized to dimethyl sulfoxide (DMSO), which is more soluble (Brimblecombe, 2015) and
tends to stay in water. The major intermediate of DMS oxidation to sulfate is DMSO and dimethyl
sulfone (DMSO,); these three compounds typically exist in equilibrium in the atmosphere and
natural water (Berresheim et al., 1998; Kino et al., 2004). DMSO is widely used in various
industries as a dissolving agent, and in washing and rinsing processes, leading to a build-up of the
compound and other VOSCs in wastewater (Simd, 1998). DMSO is easily reduced to DMS; both
compounds are odorous volatile organic sulfides, which can lead to an odor problem that greatly
affects the local population (Kino et al., 2004; Sheng et al., 2008). Therefore, it is favorable for
DMSO to be degraded to DMSO,, a more environmentally friendly and biodegradable compound
(Yan et al., 2022). DMSQO, is an organosulfur compound and serves as a source of sulfur for
microorganisms (Hutt, 2018). DMSO, is also presented in the human body as a metabolite that
can be detected in organs and secretions such as urine, blood and skin (He & Slupsky, 2014). The
sources of DMSO, in the body are from dietary such as fruits and vegetables that contain
methionine (Pearson et al., 1981). Evidence has shown that mice with a high concentration of
DMSO, have a higher and better function of intestinal microflora used for methionine degradation,
showing the importance of DMSO, in the metabolic pathway of methionine and the functionality
of intestinal microbiota in the body (He & Slupsky, 2014). DMSO, is also used in the medical field

as a complementary and alternative medicine (CAM), commonly known as methylsulfonylmethane



(MSM), for treatment of arthritis and other inflammatory disorders due to its anti-inflammatory
properties (Kim et al., 2009), antioxidant (Beilke et al., 1987) and modulation of immune system
(Grimble, 2006). DMSO, degradation may cause the equilibrium between DMS, DMSO and

DMSO, to shift forward, resulting in faster DMS and DMSO degradation (Barnes et al., 2006).

1.2 The Dimethyl sulfone monooxygenase system

Organosulfur compounds are commonly used by microorganisms via several sulfur-
regulated desulfurizing enzymes. These enzymes are expressed when prefer sulfur sources (sulfate,
cysteine, and thiocyanate) are limited and in sulfate starvation conditions (Kertesz, 2000). Research
aimed at the DMS sulfur assimilation pathway of certain bacteria led to an identification of the sfnG
(DMSMO) enzyme, which involves in the metabolism of DMSO,. The elucidation of DMSO,
utilization by bacteria in soil may aid in the understanding of how bacteria metabolized DMS and

provide insight on the biodegradation of this compound from exogenous sources (Wicht, 2016).

The dimethyl sulfone monooxygenase (DMSMO) system enzyme is a desulfurizing
enzyme that is found in the sulfur assimilation pathway of certain bacteria. The enzyme degrades
DMSO, to methanesulfinate (Wicht, 2016). The DMSMO system is a two-component flavoprotein,
which is composed of a dimethyl sulfone oxygenase component (DMSMO) and a reductase
component (DMSR) (Scheme 1). DMSR generates reduced flavin using NADH as an external
electron donor. DMSMO accepts the reduced flavin from DMSR and reacts with molecular oxygen

to insert an oxygen atom into DMSO, (Alfieri et al., 2007).

NAD FMNH FMNH*

. CH,
Reductase flavin
. o
) ) transfer H
NADH +H FMN FMN
/ §lJ’f
o7 el
Q
H,0 )I\
H H

Scheme 1. Reaction mechanism of DMSMO system.



1.3 Flavin-dependent two-component enzyme

Flavin-dependent enzymes or flavoprotein utilize flavin derivatives as cofactors or co-
substrates to catalyze the reactions. These flavins are derived from vitamin B2 or riboflavin,
commonly found bound to proteins includes flavin adenine dinucleotide (FAD) and flavin
mononucleotide (FMN). Approximately 75% of flavoprotein uses FAD while 25% uses FMN and
some enzymes can utilize both FMN and FAD. Flavin cofactor are usually noncovalently bound in
the active site for majority of the protein, only around 10.8% of known flavoproteins were
confirmed to be covalently bound (Macheroux et al., 2011). Flavoprotein can catalyze a wide
variety of reactions that involve the transfer of electrons. This versatility was made possible by the
ability of the flavin to exist in different redox states (Massey, 2000). Flavoprotein has been used in
various applications including as a biocatalyst for the synthesis of various chemical and
pharmaceutical industries. It can also be used in bioremediation and biodetoxification of waste
containing toxic compounds and can be applied as a biosensor or bio-detector for various
compounds. In humans, flavoproteins are involved in various cellular activities including
metabolite transportation and homeostasis, metabolic transformation, and are also involved in the
biosynthesis of essential cofactors and hormones including coenzyme A and Q, hemes, and steroids.
Malfunction of these enzymes can cause serious illnesses and diseases (Jortzik et al., 2014; Lienhart
et al., 2013). According to their mechanism, flavin-dependent enzymes can be classified into
different types including redox neutral flavin-dependent enzymes, dehydrogenase, reductase,
oxidase and monooxygenase (Pimviriyakul & Chaiyen, 2020a). Examples of these enzyme can be
found in “The Enzyme - Flavin-Dependent Enzymes: Mechanisms, Structures and Applications”
(Chenprakhon et al., 2020; Csarman et al., 2020; Ewing et al., 2020; Gadda, 2020; Martin et al.,
2020; Phintha et al., 2020; Pimviriyakul & Chaiyen, 2020b; Schmidt & Bornscheuer, 2020; Serrano
et al., 2020; Tinikul et al., 2020; Tischler et al., 2020). Flavoproteins classified as monooxygenase
enzymes are responsible for catalyzing the cleavage of the oxygen—oxygen bond of dioxygen,

inserting one oxygen atom into a substrate, and reducing the other oxygen to water (Massey, 2000).



In general, for a two-component enzyme, genes expressing reductase and monooxygenase enzymes
are located in the same operon for ease of utilization (Ellis, 2010). The overall reaction consists of
reductive half-reaction to reduce the oxidized flavin cofactor and an oxidative half-reaction where

the reduced flavin was cycled back to an oxidized state (Sucharitakul et al., 2014).

1.3.1 The flavin dependent monooxygenase

Three-dimensional structures of several FMN-dependent monooxygenases have been
determined, including C, of HPA hydroxylase, bacterial luciferase, SsuD and LadA. The structure
of the C, enzyme, which differs significantly from the bacterial luciferase structural family, is a
homotetrameric structure, with each monomeric structure consisting of an N-terminal, B-Sheet, and
C-terminal domain (Ellis, 2010). For the bacterial luciferase structural family, all members of this
family form a TIM barrel structure, with the active site located at the C-terminal end of the B-barrel
LadA enzyme exists as a homodimer and SsuD a homotetramer. These two enzymes are more
similar to each other when compared to the overall structure of the bacterial luciferase. Their
monomeric units contain insertion regions that are not present in bacterial luciferase; moreover,
they also have a C-terminal extension of the B-barrel structure (Eichhorn et al., 2002). For the
flavin binding site, the first three-dimensional structure of FMN-dependent monooxygenase
belongs to the C1 hydroxylase. The structure shows flavin binding in a pocket formed by the C-
terminal and B-sheet domain, lined with a nonpolar region interacting with the dimethylbenzene
region and a polar region which interacts with the pyrimidine portion of the ring (Alfieri et al.,
2007). The reactions catalyzed by flavin-dependent monooxygenases varies from hydroxylation,
Baeyer-Villiger oxidation, N-hydroxylation, epoxidation, to sulfoxidation (Pimviriyakul &
Chaiyen, 2020a). For two-components system, the monooxygenase component is bound to the
reduced flavin. During the reaction with oxygen, reactive intermediate such as C4a-
(hydro)peroxyflavin  (FL.,00» FLewoo—) or N5-(hydro)peroxyflavin may formed. C4a-
(hydro)peroxyflavin formation are usually found in phenolic hydroxylases responsible for the

catalyzation of phenolic compound, the most extensively investigated two-component



hydroxylases  are  p-hydroxyphenylacetate-4-hydroxylase ~ (C,),  which  catalyze p-
hydroxyphenylacetate hydroxylation (Sucharitakul et al., 2006). N5-(hydro)peroxyflavin was
recently discovered as an intermediate of amide monooxygenase (RutA) catalyzing the oxidative
amide cleavage in uracil catabolism (Adak & Begley, 2017). Later on , several enzymes such as
EncM (Teufel et al., 2015), sulfone monooxygenase (DszA) (S. Adak & T. P. Begley, 2016),
YxeK(Matthews et al., 2022) and flavin-dependent dehalogenases (HcbA1) (Adak & Begley, 2019)
was found to generate N5-(hydro)peroxyflavin intermediate awhen reacted with oxygen. The
difference between the two intermediates is that the enzyme active site promotes the substrate to
bind near the O, and N5 position instead of the C4a of the isoalloxazine ring (Matthews et al.,

2020).

1.3.2 The flavin dependent reductase

Structures of reductase components differ for each enzyme system. The three-dimensional
structure of the FRP enzyme was shown to be a dimer of interlocking subunits, with each subunit
comprised of two domains. In this structure, flavin was bound through hydrogen-bonding and
hydrophobic interactions, providing evidence that the flavin is a tightly bound cofactor in FRP and
cannot be transferred directly to its monooxygenase component (Tanner et al., 1996). The role of
the reductase components in the family of FMN-dependent reductase enzymes is to catalyze the
reduction of flavin and generate diffusible reduced flavin for the two-component flavin-dependent
monooxygenases. Most reductases exist in homodimer form and are usually smaller than their
monooxygenase counterparts. Reductase components differ from each other depending on their
specificity for NADH, NADPH, and the ability to use either pyridine nucleotide. Furthermore, they
are classified by whether the flavin cofactors are tightly bound and an external flavin is needed as
a substrate in the catalysis, or the flavin cofactor is loosely bound and can be transferred to the

monooxygenase component following the reduction by pyridine nucleotide (Ellis, 2010).



1.3.3 Flavin transfer mechanism

Once reduced flavin was generated, it dissociates from the reductase and bind to the
monooxygenase due to different binding affinity and can occur without protein-protein interaction
in some enzyme system (Sucharitakul et al., 2007; Sucharitakul et al., 2014). After the reaction is
completed, the oxidized flavin dissociates from the monooxygenase component and returns to the
reductase. The difference in affinity for a specific redox form of flavin help to ensure that the
reduced flavin will be transferred and bound to the monooxygenase component for the catalyzation
of the reaction (Ellis, 2010). The reduced flavin can also be re-oxidized by molecular oxygen found

in the buffer instead of the oxygenase partner (Sucharitakul et al., 2014).

1.4 The use of co-immobilized enzymes for wastewater treatment

Research on the use of living systems such as microorganisms and plant to degrade pollutant
in wastewater has been intensively studied. The use of biological systems for the degradation of the
targeted pollutants was made possible due to their enzymes; therefore, these enzymes were explored
as biochemical means of wastewater treatment (Ambatkar & Usha, 2012). The advantages of using
enzyme include its high specificity to selected compounds, meaning that it can degrade targeted
pollutants without affecting the other component in the system (Taylor et al., 1996). The enzymatic
approach is favorable for the treatment of wastewater that contains relatively large amounts of the
target pollutants. However, the use of free enzymes faces limitations related to enzyme stability
and reusability since enzymes tend to denature outside their natural environment and are usually
hard to isolate from the reaction system. To overcome these limitations, scientists had proposed the
method of enzyme immobilization, a method that was used in industrial processes to minimize

production costs from the uses of enzymes (Krajewska, 2004).

1.4.1 Co-immobilization of enzyme

Co-immobilization of the enzyme is usually required for uses on the industrial scale, since
immobilization allows the enzyme to be reused and simplify the overall process, resulting in better

cost efficiency and improved enzyme performance. This enhances in enzyme performance may



come from the support materials protecting enzyme from harsh environment and inhibition by other
compounds. Moreover, immobilization of two-component enzymes helps to keep the
monooxygenase and reductase components to be in close proximity, allowing better transfer of
flavin (Cui et al., 2016; Mateo et al., 2007). Support materials used for the immobilization must be
chosen depending on the type of enzyme to immobilize, immobilization techniques, and application
of the co-immobilize enzyme. The ideal support materials must be inert, so it does not interfere
with the reaction and should have a functional group on the surface with a high affinity to the
targeted enzyme (Ren et al.,, 2019). Using magnetic nanoparticles as a support for enzyme
immobilization can be beneficial due to their small size, large surface area, easily dispersed and the
surface of the nanoparticles can be easily modified for reactive groups that have high affinity to the
enzyme. Besides those characteristics, magnetic nanoparticles can be practically recycled using a
magnetic field to separate them from the system (Zhang et al., 2011). One of the most common
techniques used for immobilization of enzyme without loss of enzyme activity is based on using
coordination between Ni’™ and histidine-tag on enzyme for high specificity and high affinity (de
Almeida et al., 2018). This can be easily carried out by modifying the nanoparticle surface for

immobilizing Ni’" for affinity with histidine-tag of the target protein (Liao et al., 2020).

2. Methodology
2.1 Mechanism of two-component enzyme: Dimethyl sulphone monooxygenase

Reagents

Chromatographic media (G25 Sephadex, IMAC-Sepharose) were purchased from GE
Healthcare (Uppsala, Sweden). FMN (purity = 93%), NADH (purity = 95%) and imidazole were

purchased from Tokyo Chemical Industry (Tokyo, Japan). Guanidinium hydrochloride (GuHCI)



was purchased from Merck (Calbiochem) (Darmstadt, Germany). Concentrations of the following
compounds were determined using their known extinction coefficients: NADH, €,,, = 6.3% 10° M
"em', FMN, €,,,=12.5x10° M c¢m’' at pH 7.0.
Native cofactor of the reductase component

The reductase component (DMSR) is a flavoprotein. The native flavin cofactor of the
enzyme was characterized using 5% trichloroacetic acid (TCA) to separate the flavin from the
precipitated enzyme. The unknown co-factor was analyzed using HPLC LC-20 Series (Shimazu,
Japan) with a Shim-pack GIST C ; column (4.6 x 250 mm) (Shimazu, Japan), and detected with a
photodiode-array SPD-20A detector (Shimazu, Japan). The mobile phase (1 ml/min flow rate) for
equilibration and separation was 1% formic acid (in H,O) and 12% acetonitrile. The oven
temperature was set to 25 °C. The flavin cofactor was determined based on the retention time of
the flavin FAD and FMN standard compounds.
Determination of the molar absorption coefficients of the enzyme-bound FMN

The extinction coefficients of the flavin bound DMSR were determined using 2.68 M
GuHCI. The released FMN concentration from the enzyme was calculated using the molar
absorption coefficient for free FMN (€,,5 = 12.5 X 10’ M'em"). The extinction coefficient of the
FMN bound enzyme was calculated based on the released FMN concentration as €,,,=11.0 X 10’
M'em’.
High yield expression of the monooxygenase component

The monooxygenase component of the DMSMO gene from Acinetobacter baumanii was
synthesized by Genscript (USA), and subcloned into expression vector pET-22b containing a C-
terminal His6-tag. The expression vector (ampicillin resistance) and the pTf16 chaperone plasmid
(chloramphenicol resistance) for enhancing protein folding were co-transformed into competent .
coli ECOS™ Sonic (Yeastern Biotech, Taiwan). The transformed cells were selected on LB agar
containing 20 Llg/mL ampicillin and 20 [lg/mL chloramphenicol. A transformed cell colony was

inoculated in 50 ml starting media for auto-induction (in a 250 mL Erlenmeyer flask) containing
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ampicillin and chloramphenicol as a starting culture for auto-induction. The starting culture was
incubated at 37 °C overnight in an incubator shaker (Unimax 1010 & Incubator 1000) (Heidolph,
Germany).

The overnight culture was inoculated into 1 L of auto-induction media in a 2.5 L Fernbach
flask. A sterile L-arabinose (0.5 mg/ml) solution was added to the large-scale culture for inducing
chaperone expression. The large-scale culture was incubated in a multitron incubator with an orbital
shaker (INFORS HT Multitron, Switzerland) at 37 °C for ~3 h or the optical density at 600 nm
was ~1. The temperature of the incubator was decreased to 20 °C. The large-scale culture was left
overnight (~18 h). The cells were harvested and kept at —80 °c.

The frozen cell pellet was thawed in lysis buffer (50 mM potassium phosphate, pH 7.0
containing 50 mM imidazole and 300 mM NaCl). The cells were lysed using an ultrasonic sonicator
VCX750 (Sonics & Materials, USA) with an energy of 75 Amps, 6 sec pulse on and 10 sec pulse
off. The sample was kept cool in an ice bath during sonication. The resulting cell debris suspension
was centrifuged by an Allegra™ 64R Centrifuge (Beckman Coulter, USA) at 18,000 rpm for 1 h at
4 °C to collect the supernatant.

The supernatant was loaded onto an IMAC SepharoseTM (GE Healthcare, USA) (2.5 (I) X
12 cm) column charged with 100 m1 0.2 M nickel sulfate solution. The column was pre-equilibrated
with 200 ml 50 mM sodium phosphate pH 7.0 containing 300 mM NaCl and 50 mM imidazole.
After loading the sample, the column was washed with 500 ml of the same buffer. High expression
of the monooxygenase component demonstrated that some of the enzyme bound with FMN. The
FMN bound on the enzyme was removed by washing the column with 500 mL 50 mM sodium
phosphate pH 7.0 containing 1 M KBr, 25 mM imidazole and 300 mM NaCl. The enzyme was
eluted with 50 mM sodium phosphate (pH 7.0) containing 300 mM NaCl and 200 mM imidazole.
The purification procedure was performed at 4 °C. Fractions containing DMSMO were identified
by sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE). The enzyme fractions

were concentrated by ultrafiltration using an Amicon® cell-stirring device (Merck, Germany) with
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a molecular mass cutoff of 10 kDa to decrease the solution volume to ~5 mL. The concentrated
enzyme was passed through a desalting column Sephadex G-25 (1.5 (I) x 45 c¢cm) to remove salts
and imidazole.

High yield expression of the reductase component

The reductase component gene from Acinetobacter baumanii was synthesized by
Genscript (USA), and subcloned into expression vector pET-22b containing a C-terminal His6-tag.
The expression vector (ampicillin resistance) was transferred into competent £. coli ECOS™ Sonic
(Yeastern Biotech, Taiwan). The transformed cells were selected on LB agar containing 20 Llg/ml
ampicillin. A transformed cell colony was inoculated in 50 ml starting media for auto-induction (in
a 250 mL Erlenmeyer flask) containing ampicillin as a starting culture for auto-induction. The
starting culture was incubated at 37 °C overnight in an incubator shaker (Unimax 1010 & Incubator
1000) (Heidolph, Germany).

The overnight culture was inoculated into 1 L of auto-induction media in a 2.5 L Fernbach
flask. The large-scale culture was incubated in a multitron incubator with an orbital shaker
(INFORS HT Multitron, Switzerland) at 37 °C for ~3 h or optical density at 600 nm was ~1. The
incubator temperature was reduced to 25 °C. The large-scale culture was left overnight (~18
hours). The cells were harvested and kept at —80 °c.

The frozen cell pellet was thawed in lysis buffer (50 mM potassium phosphate, pH 7.0
containing 100 mM imidazole and 300 mM NaCl. The cells were lysed using an ultrasonic sonicator
VCX750 (Sonics & Materials, USA) with an energy of 75 Amps, 6 sec pulse on and 10 sec pulse
off. The sample was kept cool in an ice bath during sonication. The resulting cell debris suspension
was centrifuged by an Allegra™ 64R Centrifuge (Beckman Coulter, USA) at 18,000 rpm for 1 h at
4 °C to collect the supernatant.

The supernatant was loaded onto an IMAC SepharoseTM column pre-equilibrated with 50
mM potassium phosphate pH 7.0, 100 mM imidazole, and 300 mM NaCl. The column was washed

with 500 ml of the same buffer. The purification procedures were performed at 4 °C. The intense
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yellow band containing the enzyme-bound flavin was detected on the top of the column. The intense
yellow color fraction was eluted with 300 mM imidazole in the same buffer. FMN was
supplemented for flavin cofactor saturation during the concentrating process using an Amicon®
cell-stirring device (Merck, Germany) with a molecular weight cutoff of 10 kDa. The purified
enzyme was passed through a desalting column Sephadex G-25 gel filtration column (1.5 (I) x 45
cm) to remove excess FMN and salts.
Determination of the native molecular weights of the reductase and monooxygenase components

The purified reductase and monooxygenase were loaded into a 2.5 (I) X 71.5 cm Sephacryl
S-200 gel-filtration column. The column was attached to a fast protein liquid chromatography
(FPLC) machine (AKTA pure 25 M1, Cytiva, US). The column was equilibrated with 50 mM
potassium phosphate containing 300 mM NaCl, pH 7.0 with a flow rate of 0.5 ml/min and eluted
with the same buffer at room temperature. The eluents were monitored at 280 and 458 nm using a
UV-absorption detector. The molecular weight was determined using a standard calibration curve
obtained from a Gel filtration Calibration Kit HMW (Ovalbumin: 43 kDa, Conalbumin: 75 kDa,
Aldolase: 158 kDa, Ferritin: 440 kDa, Blue Dextran 2000: > 2000 kDa). The void volume of the
column was determined from the blue dextran elution volume.
Thermodynamic binding of the oxygenase component to oxidized FMN

Free FMN was titrated with the purified oxygenase component. The reaction was
performed in 50 mM potassium phosphate pH 7.0 at 25 °C. The FMN bound enzyme fraction was
determined from the decrease in the fluorescent signal of FMN observed using a spectrofluorometer
RF5301PC (Shimadzu, Japan). To determine the dissociation constant (K d)- the intensity change
of the emission peak at 445 nm (AF) was plotted versus free enzyme concentration. The K d for

the enzyme binding to FMN was obtained from a plot using the following equation (Equation 1):

_ [[Ex]+K4— v ([ET]+[ST]+Kq)?—4[ET][ST]
AF =
2[FMN]¢otal

X AFpax

Equation 1. General quadratic equation based on having no assumption for steady-state

equilibrium binding



13

Rapid kinetic studies

The rapid kinetic studies were performed using stopped-flow spectrophotometry Model
SF-61DX (TgK Scientific, UK) in single-mixing mode. The absorbance was detected using a
charge-coupled device (CCD) and photomultiplier tube. The emission intensity was detected using
a photomultiplier tube coupled with optical filters. The stopped-flow measurements were
performed in 50 mM potassium phosphate buffer, pH 7.0, 25 °C. The concentrations described
were after mixing.

Oxygen scrubbing the flow system in stopped-flow spectrophotometer

To obtain anaerobic conditions, the stopped-flow apparatus was equilibrated and flushed
with sodium hydrosulfite (~5 mg/mL) in 100 mM potassium phosphate pH 7.0, which was
prepared in a closed system tonometer under positive nitrogen (ultrahigh pure, 99.999%). The
buffer was alternatively equilibrated and evacuated for forty cycles. The last cycle was under
positive nitrogen pressure (~4 Psi) in a closed container tonometer, and then sodium dithionite
powder in the side arm attached to the tonometer was flipped into the anaerobic solution. The
anaerobic sodium dithionite solution in the tonometer was transferred into the flow system of the
stopped-flow instrument equilibration overnight (~16 h). Before the experiment was performed,
the flow system was washed three times with anaerobic buffer.

The kinetic mechanism for binding of FMN-DMSMO complex with DMSO,

The kinetic binding of FMN:DMSMO complex with DMSO, was performed by mixing a
solution of FMN:DMSMO complex with varied concentrations of DMSQO,. The binding of DMSO,
to FMN:DMSMO complex was monitored by the fluorescence quenching of FMN bound
DMSMO. The observed rates were analyzed by the decrease in fluorescence intensity obtained

from the kinetic traces. A plot of observed rate constants (k) versus DMSO, showed

obs
hyperbolically dependent indicating the mechanism of a two-step equilibrium: the first rapid

equilibrium binding of FMN:DMSMO complex with DMSO, to form Michaelis-Menten complex

following the isomerization according to Equation 2. The significant intercept indicated an
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existence of the reversible rate (k—). According to Equation 2, K, was identified from the
concentration of the half-saturation of hyperbolic plot, whereas k; was from the limit to infinity
value of the rate constants (or maximum value). [S] represented the concentrations of DMSO, under

pseudo-first order condition.
k _ k 3 [S ]
obs Kd + [S] -3

Equation 2. Equation derived from the simulation model (Figure 5) to calculate k,, from
experimental data
Rapid kinetics of the oxygenase component (DMSMO)

The rapid kinetic study of the oxidative reactions were performed using either free reduced
FMN or reduced FMN:DMSMO complex reacting with oxygenated buffer. The free FMN or its
complex with monooxygenase solution was made anaerobic in the tonometer using the same
procedure as described above. A 5 mg/ml dithionite solution (reductant) was made anaerobic by
bubbling it with nitrogen gas from a long needle in a glass syringe for 6 min. A micro-titrator with
a long needle was filled with anaerobic dithionite solution, and the micro-titrator was attached to
the tonometer via a Michael-Miller adaptor under positive nitrogen pressure. The dithionite solution
was put into the solution in the tonometer by turning the knob of the micro-titrator. The
stoichiometric reduction of the solution was monitored by flipping the solution into the side arm
attached with a quartz cuvette to observe the changing spectra of the oxidized to fully reduced flavin
without excess dithionite. The spectral change from flavin reduction was monitored using a
spectrophotometer with a diode array detector (Cary 8454 UV-Vis, Agilent Technologies).

The buffers with different oxygen concentrations were prepared by bubbling 6 ml of the
buffer with a mixture of nitrogen and oxygen, i.e., 20%, 50% and 100%, (before mixing) for 6 min
in a glass syringe. After equilibration, the syringe containing the oxygenated buffer was transferred
to a stopped-flow machine, and the oxygen concentration after mixing was 0.13, 0.31, 0.61, and
0.96 mM, respectively.

Rapid kinetics reduction of the reductase component (DMSR)
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The kinetic reduction of DMSR was performed by mixing anaerobic solution of the
oxidized enzyme with anaerobic solution of NADH with varied concentrations with the lowest
concentration being at least 5-fold higher than the oxidized enzyme. The oxidized enzyme was
prepared in a tonometer using anaerobic train for evacuation and equilibration of UHP nitrogen gas
as described above. The anaerobic enzyme solution was transferred from a tonometer to the drive
syringe of the stopped-flow machine. The varied NADH concentrations were made anaerobic by
bubbling with UHP nitrogen gas via long needle syringe and then transferred to the drive syringe.
Both enzyme and NADH were mixed in the stopped-flow machine. The reactions were monitored
using absorbance in range of 350 — 700 nm for flavin semiquinone, flavin reduction and charge-
transfer complex.

Kinetic analysis and simulations

The absorbance or fluorescence kinetic traces were analyzed using Kinetic Studio software
(Hi-Tech Scientific, UK) to obtain the observed rate constants. The models fitted for rate constant
analysis were initiated with the simplest one-exponential phase before being extended to more
complex models.

The bimolecular reactions of enzyme with substrates were performed under pseudo-first
order conditions using substrate concentrations at least 5S-fold excess over the enzyme concentration

to obtain the observed rate constants (k). The reaction mechanisms were analyzed from plots of

obs
the observed rate constants versus various substrate concentrations. The relationship of the
observed rate constants and the individual rate constant according to the reaction mechanism was
analyzed using Marquardt-Levenberg nonlinear fit algorithms included in KaleidaGraph (Synergy
Software 4.5).

In case of complex reaction mechanisms, kinetic simulation was performed to verify the
mechanism models using the enzyme kinetic software Kintek Explorer 9. The kinetic traces

obtained from the simulations were overlaid with the experimental traces to confirm the proposed

mechanism model.
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Free reduced FMN released from reduced DMSR

The percentage of free reduced FMN released from reduced DMSR was determined using
sephadex G-10gel filtration. The column was equilibrated with 50 mM potassium phosphate pH
7.0 containing 5 mM sodium bisulfite. The 2.5 ml 400 [AM DMSR solution was loaded into the
column. The oxidized bright yellow DMSR was reduced in a buffer containing sodium bisulfite
and became colorless. The reduced enzyme was collected with 3.5 ml of the column void volume.
One ml fractions were collected up to 22 ml. The fractions were left for 30 min to be fully oxidized.
The fully oxidized enzyme and free FMN were confirmed by scanning the spectra until no change
was observed. The fractions containing free FMN were pooled and the total volume was measured.
The pooled FMN concentration was determined from its absorption spectrum. The amount of free
FMN was calculated to obtain the concentration of free FMN released in the reduced 400 UM
DMSR solution.
Product identification from single turnover reactions

A 300 UM DMSMO and 56 UM FMN in 50 mM potassium phosphate pH 7.0 solution
was made anaerobic in a close system tonometer under positive nitrogen pressure. The enzyme
solution was reduced by freshly prepared sodium dithionite. The anaerobic procedures and enzyme
reduction were described in the previous section on the rapid kinetic studies. The reduced enzyme
solution was mixed with an equal volume of air-saturated buffer containing 5 mM DMSO, at room
temperature. The enzyme and small molecules in the reaction were separated using ultrafiltration
with 10 K Amicon"” Ultra filters (Merck, Ireland). The methanesulfinate product was analyzed using
a 1260 Infinity HPLC (Agilent Technologies, USA) with a 4.6(I) x 250 mm Shim-pack GIST C18
column (Shimazu, Japan). The column was equilibrated with a mobile phase of 10% acetonitrile
and 5% formic acid in H,O with a flow rate of 0.5 ml/min. The methanesulfinate was detected with
a Quadrupole LC/MS 6120 mass detector (Agilent Technologies, USA), set to detect an m/z of 79
(negative mode). The total retention time of the analysis was 10 min.

Analysis of the hydroxylation reaction using rapid-quench flow techniques
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The experiments were performed using rapid-quench flow (model: RQF-63) from TgK
Scientific (Bradford-on-Avon, UK) in an anaerobic glove box. The rapid-quench flow system
consisted of three syringes: Syringe A contained an anaerobic solution of 112 [Um reduced
Reductase mixed with 600 [Lm reduced monooxygenase enzyme. Syringe B contained a 0.15 M
HCI quencher solution. Syringe C contained an air-saturated buffer (0.26 mm oxygen) with 10 mM
dimethylsulfone. The reduced enzyme complex solution was mixed with the air-saturated buffer
and the reaction mixture was allowed to age for 0.01, 0.02, 0.04, 0.05, 0.06, 0.07, 0.08, 0.1, 0.2,
0.4, 0.6, 0.8, and 1 sec, before being quenched with a 0.15 M HCI solution. The quenched samples
were collected from the sample loop, and the enzyme was separated using ultrafiltration with 10 K
Amicon” Ultra filters (Merck, Ireland). The samples were analyzed for the amount of
methanesulfinate produced from the reaction using a 1260 Infinity HPLC (Agilent Technologies,
USA) with a 4.6 (I) x 250 mm Shim-pack GIST C18 column (Shimazu, Japan). The column was
equilibrated with a mobile phase of 10% acetonitrile and 5% formic acid in H,O with a flow rate
of 0.5 ml/min. The methanesulfinate product was detected with a Quadrupole LC/MS 6120 mass
detector (Agilent Technologies, USA), set to detect an m/z of 79 (negative mode). The total
retention time of the analysis was 10 min.

The concentrations of methanesulfinate from the rapid-quenched flow were determined
from a calibration curve of the area under the mass peaks versus 10 UM, 25 UM, 50 UM, 7 SLUM
and 100 LALM methanesulfinate standards. Each methanesulfinate standard concentration was
prepared by mixing with an equal volume of 0.15 M HCI before being injected into the LC-MS

machine. The observed rate constant (k, ) was determined from a plot of methanesulfinate

obs
concentrations versus quenched times as described above. The observed rate constant was analyzed
from Equation 3 using Marquardt—Levenberg nonlinear fit algorithms included in KaleidaGraph

(Synergy Software 4.5). P and Powois the product forming at any time and is the limited value of the

product close to infinity of time.

P = P, (1 — e kobst)
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Equation 3. Equation derived from Marquardt-Levenberg nonlinear fit algorithms for &
Formaldehyde identification and quantification

Formaldehyde was identified using purpald reagent (4-amino-3-hydrazino-5-mecapto-
1,2,4-triazole). 0.5 M purpald solution in 2 M NaOH was added to a 1 mL assay reaction at a final
concentration of 34 mM. The assay reaction was incubated for 10 mins at room temperature prior
to oxidize by adding 0.18 M H,0,. The absorbance was measured at 512 nm. The concentrations
of formaldehyde in the assay reaction were determined using a calibration curve of 10, 20, 40, 60,
80, and 100 .UM formaldehyde.

Formaldehyde was identified using multiple- and single-turnover reactions. The enzyme
multiple turnover reactions were composed of 56 uM DMSR, 300 uM DMSMO, 1 mM NADH
and 5 mM DMSO,. The reaction was started by adding NADH and left at room temperature for 30
min. The solution containing the formaldehyde product was separated by Amicon ultra centrifugal
filters (10 kDa cut off). To quantify the formaldehyde product from the single-turnover reaction, a
56 AM DMSR and 300 [AM DMSMO solution was put in a tonometer that had a connector attached
to a three-way oblique manifold for vacuum and evacuation of positive nitrogen (ultrahigh pure,
99.999%). The microtitrator attached to a gastight syringe with a long needle containing anaerobic
NADH solution was connected to the tonometer by a Michel-Miller adapter. The stoichiometric
reduction of the enzyme solution was performed as described in the Rapid kinetic studies section.
After complete reduction, the tonometer was opened and an equal volume of air-saturated buffer
was added to re-oxidize the enzyme. The proteins in the solution were separated using ultrafiltration
and the formaldehyde product in the filtrate was quantitated.

H.,0, identification

H,0, was identified using 2,2'-azino-bis (3-ethylbenzthiazoline-6-sulphonic acid) (ABTS)
and horseradish peroxidase (HRP). Single turnover reactions were performed in three conditions:
1) 56 uM DMSR, 2) 56 uM DMSR and 300 uyM DMSMO and 3) 56 uM DMSR, 300 uM DMSMO

and 5 mM DMSO,. After mixing with the air-saturated buffer, | mM ABTS and 5 units HRP was
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added to the solution. The H,O, concentration was determined by the concentration of oxidized

ABTS in a 1:1 ratio, the absorbance was measured at 735 nm with an extinction coefficient of €,;;

=9.32x10°M" em™.

2.2 Co-immobilization of enzymes onto CoFe,0, magnetic nanoparticle
Reagents

All chemicals were used as purchased without further purification. Iron(II) nitrate
(FeN,0,, 98%), cobalt chloride (Co(NO,), 98%), ethylene glycol (anhydrous, 99.8%), ammonium
acetate (CH,CO,NH,, >97%), 3-aminopropyltriethoxysilane (APTES, 98%), hexane (AR
grade), Glutaraldehyde (25% Aqueous solution), NO,NO(-Bis(carboxymethyl)-L-lysine hydrate
(ANTA, 297.0%), sodium borohydride (NaBH,, 2>98.0%), Nickel(II) sulfate hexahydrate (NiSO,
- 6H,0, =>98.0%) were purchased from Sigma-Aldrich (MO, USA).

Synthesis of CoFe,0, and Ni-NTA/H,N-SiO,@CoFe,0,

4 mmol FeN,O, and 2 mmol Co(NO,) were dissolved in 50 mL ethylene glycol under
vigorous stirring (600 rpm, 20 min) before adding 30 mmol ammonium acetate under ultrasonic for
30 min to form clear dark yellow solution. The solution was vigorously stirred (600 rpm) for another
30 min at RT before transferred to 100 mL Teflon-line autoclave, fixed and kept in at 210 °C, 24 h.
Once cooled down, the black precipitate was collected using a magnet and rinsed several times with
DI water and ethanol before dried in a 50 °C oven. H,N-SiO,@CoFe,0, was obtained by dispersing
CoFe,0, in Hexane for 10 min before 200 pL APTES was added, the solution was ultrasonic for 1
h before rinsed with ethanol and dried. To obtain Ni-NTA/H,N-SiO,@CoFe,0,4, the particles was
stirred in 10% glutaraldehyde solution for 8 h at RT. The solution was washed with DI water and
dispersed in 10 mL Tris-HCI buffer (50mM, pH8.0). 48 mg of ANTA was added to the solution
and stirred at RT for 8 h before 10 mg NaBH, was added and stirred for another 1 h. After
completion, the mixture was washed several times with Tris-HCI and suspended in SmL of 2M
NiSO, solution and stirred for 2 h. Ni-NTA/H,N-SiO,@CoFe,O, was collected using a magnet and

washed with DI water before dried in 50 °C oven.


https://www.sigmaaldrich.com/TH/en/product/aldrich/452882
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Characterization of Ni-NTA/H,N-SiO,@CoFe,0,

The morphologies and nanocomposites of the synthesized Ni-NTA/H,N-SiO,@CoFe,0,
were characterized by scanning electron microscopy (SEM) coupled with energy-dispersive X-ray
spectroscopy (EDX: JEOL JSM-6610LV, Oxford X-Max 50). CoFe,O, magnetic nanoparticle
character was verified using an X-ray powder diffractometer (DMAX2200/Ultima-plus instrument,

Rigaku, Japan).
Immobilization of His-tagged DMSMO and DMSR onto Ni-NTA/H,N-SiO,@CoFe,0,

His-tagged DMSMO and DMSR were mixed in a ratio of 5:1 before added to Ni-
NTA/H,N-Si0,@CoFe,0, particles dispersed in phosphate buffer (50mM, pH7.0). The mixture
was swirled on an orbital shaker ( IKA KS 260, China) at 150 rpm, on ice, for 1 h. Immobilized
enzymes were collected using a magnet and washed with phosphate buffer several times. To study
the specificity of Ni-NTA functionalized nanoparticles to His-tagged enzymes, imidazole solution
(300 mM, pH7.0) was used to elute the enzyme from the surface of the nanoparticles. The eluted

enzyme was analyzed by sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE).

DMSMO activity assay

DMSMO activity assay was carried out by mixing DMSMO, DMSR, NADH and DMSO,
for a multiple turnover reaction at room temperature. After the reaction was completed, 34 mM
Purpald, dissolved in 1 M NaOH, and 0.18 M H,O, was added to the reaction mixture. The mixture
was vigorously shaken and left at room temperature for 1h before the absorbance was measured at
505 nm. The concentrations of formaldehyde in the assay reaction were determined using a

calibration curve of 10, 20, 40, 60, 80, and 100 [ AM formaldehyde.
Stability and reusability test

To determine the storage stability, free DMSMO mixed with DMSR and co-immobilized
DMSMO-DMSR, stored at 4°C, was used for activity assay after being stored for 1, 2, 4, 6, 8 and

10 days. The enzyme activity of Day 1 was taken as 100%. For temperature stability, DMSMO and
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DMSR were mixed together and left to incubate at 4, 20, 30, 40, 50°C prior to the reaction. The
highest activity was set as 100% for reference. pH stability was determined by performing multiple
turnover reaction in 50 mM phosphate buffer with pH range of 2-10 at room temperature. The
highest activity at pH7 was set as 100% for reference. The reusability of co-immobilized DMSMO-
DMSR was performed at room temperature. The co-immobilized DMSMO-DMSR were recovered
from the solution using a magnet after each reaction, rinsed with 50 mM phosphate buffer (pH7.0)

and stored at 4°C.

3. Results
3.1. Mechanistic study of enzymes

3.1.1 Enzyme characterization

The monooxygenase component (DMSMO) and reductase component (DMSR)
recombinant C-terminal histidine-tagged enzymes were successfully expressed as soluble enzymes
in E. coli. After purification, the pure protein yield was approximately 21 g/l of cell culture for
DMSMO and 3 g/l of cell culture for DMSR. The purity of both proteins was > 95% as determined
by SDS-PAGE (Figure 1).

The FPLC equipped with size-exclusion chromatography to determine the native
molecular weight of DMSMO and DMSR revealed a molecular mass of 92.3 kDa and 136.6 kDa,
respectively. The molecular weight calculation of the DMSMO and DMSR subunit using amino
acid sequences was 41.8 kDa and 26.6 kDa, respectively. The results suggested that the native form

of DMSMO and DMSR was a dimer and tetramer, respectively.
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Figure 1. SDS-PAGE (12%) of DMSR and DMSMO. High-yield expression of both

components of the DMSMO and the DMSR. Both components were purified using affinity
chromatography IMAC sepharose. Left panel: purification of DMSMO. Right panel: purification
of DMSR. Lane: molecular weight markers, Lane 1: crude extract, Lane 2: flow-through fraction,

Lane 3: washing fraction, Lane 4: elution fraction.

The purified DMSMO solution had a slightly yellow color with characteristics of an
enzyme bound to oxidized flavin (Figure 2A and 2B). To determine the native flavin bound
enzyme, the flavin was separated from the enzyme using 5% trichloroacetic acid. FAD and FMN
flavins standards were used to identify the native flavin from the denatured proteins. The isolated
flavin cofactor from DMSMO had a peak at retention time of 11.5 min (black line, Figure 2C),
which was the FMN retention time (red line, Figure 2C). The isolated flavin cofactor from DMSR
had a peak at retention time of 9.82 min (black line, Figure 2D), which was the retention time of
FMN (red line, Figure 2D). The purified DMSMO and DMSR were bound with FMN. The flavin
content of DMSMO was determined using 5% TCA. The released free flavin was calculated to be
37.1%.

The product of the catalytic reaction was analyzed using LC-MS that detected a
methanesulfinate mass of 79 m/z. However, there were two peaks with the same mass at a retention

time of 5.32 and 6.3 min when the methanesulfinate standard (dissolved in potassium phosphate)
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was injected (Figure 2E). The peak with a retention time of 5.32 min was confirmed as the buffer
content of phosphite anion when only 50 mM potassium phosphate was injected into the LC-MS at
the same conditions used for analyzing methanesulfinate (Figure 2F). The catalytic reaction of the
enzymes was investigated using the methanesulfinate generated from the multiple turnover reaction
in the presence of DMSR, DMSMO, NADH, DMSO, and atmospheric oxygen. Phosphite anion

and methanesulfinate peaks were observed (Figure 2G).
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Figure 2. Native cofactor and product characterization of the DMSMO system (A) Spectrum
of flavin bound DMSMO (red line). (B) Spectrum of flavin bound DMSR (blue line). Both enzymes
were denatured using 5% trichloroacetic acid to release the native flavin cofactor. The cofactor was
identified using HPLC. (C) HPLC chromatogram representing the separation of FAD (blue line)
standard and FMN (red line). Black lines are the chromatograms of the isolated native flavin from
DMSMO (D) HPLC chromatogram representing the separation of the FAD (blue line) standard and
FMN (red line). Black lines are the chromatograms of the isolated native flavin from DMSR (E)
Methanesulfinate (product of DMSMO) standard in 50 mM potassium phosphate pH 7.0 was
detected using LC-MS equipped with C,; column. (F) 50 mM potassium phosphate pH 7.0. (G) 5
L of the enzyme multiple turnover reaction. The reaction contained 1 mM NADH, 5 mM DMSO,

and 56 JAM DMSR, and 300 [)AM DMSMO.
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To demonstrate that formaldehyde is another product from a one-carbon cleavage from
dimethyl sulfone, purpald reagent was used to detect formaldehyde from the multiple and single
turnover reactions (see Methods). For multiple turnover reaction, 96 UM formaldehyde (9.6%
based on 1 mM NADH as limiting agent) was detected. 19 UM formaldehyde (34% based on 56
UM reduced DMSR) was calculated from single turnover reaction.

3.1.2 Binding of DMSMO to oxidized FMN

The static binding of DMSMO to oxidized FMN was performed by titrating free FMN with
various enzyme concentrations. The binding of enzyme to FMN resulted in quenched fluorescence
intensity (Figure 3A). The dotted red-line spectrum represents free FMN and the solid lines
represent a decrease in emission intensity after being titrated with DMSMO. The dotted line was
used as a reference for the difference in the intensity change after titration. The difference in
intensity at 528 nm from protein binding to FMN was used to calculate the FMN-bound enzyme
concentrations. The dissociation constant (K}) of the complex was determined from a plot of [ES]
versus enzyme concentrations (inset Figure 3A). The K, of 17.4 T+ 0.9 uM was calculated from a
curve fit of the plot using Equation 1.

The rapid kinetic binding of DMSMO to oxidized FMN was performed by mixing 5 UM
FMN with various enzyme concentrations under a pseudo-first order condition ((DMSMO] >>
FMN at least 5-fold). The binding of DMSMO to oxidized FMN demonstrated a rapid decrease in
fluorescence intensity (=530 nm) (Figure 3B). The enzyme bound to FMN very fast, and partially
occurred during the dead time (before 1 ms). At the highest concentration of DMSMO (320 LLM),
most of the fluorescence intensity change was in the dead time (the lowest black line, Figure 3B).
Therefore, a kinetic simulation was required for constructing the reaction mechanism. The simplest
model of a single-step binding enzyme to oxidized FMN was applied as seen in the red-dotted lines
(Figure 3B). The simulation kinetic traces were almost superimposed with the experimental data
(black lines in Figure 3B). The bimolecular rate constant from the simulation for enzyme binding

to oxidized FMN was 4.21 X 10° M 's™ | (k,, Table 1) with a reverse rate constant of 92.3 s (k,,
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Table 1). The K| (k/kf) from the forward and reverse rate constant was calculated to be 22 LM,
which was similar to the K, from static titration (17 MM), This confirmed that the binding

mechanism of DMSMO to oxidized FMN is a single-step process.

3.1.3 Binding order of FMN and DMSO, to DMSMO to form a ternary complex
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Figure 3. Static and kinetic binding of DMSMO to FMN. (A) 5 uM FMN solution was titrated
with various concentrations of DMSMO. The binding of enzyme to FMN was monitored via
fluorescence quenching. The reaction was performed in 50 mM potassium phosphate pH 7.0 at 25
°C. The dotted line represented the emission spectrum of free FMN. The solid lines showed the
quenched emission spectra according to the higher enzyme concentrations. Inset (A) is the plot of
[ES] complex versus DMSMO concentrations. (B) 5 uM FMN solution was mixed with 20 UM, 40
UM, 80 UM, 160 LM, 320 LLM DMSMO in a stopped-flow spectrometer. The kinetic binding was
monitored based on a decrease in fluorescence intensity (cut off optical filter = 530 nm). The
reactions were performed in the same condition as previously described in (A). The black lines are
the kinetic traces from the experimental data. The red dotted lines are from the simulation using a

single-step binding model.

The previous results revealed that DMSMO bound to oxidized FMN (Figure 3). We next
investigated the binding order of FMN and DMSMO when a substrate is present. A 5 UM free
FMN solution was mixed with 20 LM DMSMO and 5 mM DMSO,. The reaction was monitored
based on a decrease in emission intensity using an optical filter (= 530 nm cut off). The kinetic
traces with a decreased emission intensity indicated two exponential phases (green line, Figure

4A). The first exponential phase (1 ms—0.2 s) of the green line was superimposed with the red line,
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which was the trace from mixing of FMN with DMSMO, indicating that the first exponential phase
of the green line was DMSMO binding to FMN. The second exponential phase (0.2—1 s) of the
green line continuing from the first exponential phase was present only in the presence of DMSO,
(Figure 4A). These results demonstrated that in the presence of FMN, DMSMO and DMSO,, FMN
binds to DMSMO first, followed by DMSO,. The control reactions from mixing 5 JAM FMN with
buffer and with 5 mM DMSO, are seen in the blue and black line, respectively. Neither mixing

experiment contributed to the intensity change.
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Figure 4. Mechanism of DMSMO binding to DMSO, and FMN. (A) Red line: 5 pM FMN
solution mixed with 20 [JAM DMSMO. Green line: 5 uM FMN solution mixed with pre-equilibrated
20 uM DMSMO and 5 mM DMSQO, solution. Blue and black lines are control reactions: 5 JAM FMN
solution was mixed with buffer and 5 mM DMSO.,, respectively. (B) Pre-equilibrated 15 uM FMN
and 150 uM DMSMO was mixed with 0.05, 0.1, 0.2, 0.4, 0.8, 2, 4, 8, 20 mM DMSO,. The
uppermost trace was control from mixing FMN:DMSMO complex with buffer. The kinetic trace is
magnified in inset B. The most right to the most left traces were from the lowest DMSO,

concentration to the higher concentrations. (C) The observed rate constants (k_, ) analyzed from the

obs

kinetic traces in (B) were plotted against DMSO, concentrations.
Reaction was performed in 50 mM potassium phosphate pH 7.0 at 25 °c using stopped-flow
spectrophotometer. All concentrations as described were after mixing. The reactions were monitored

using fluorescence intensity change with optical filter 2 530 nm.

The mechanism of DMSO, binding to the FMN:DMSMO complex was elucidated by
mixing pre-equilibrated 150 JAM DMSMO and 15 UM FMN with various DMSO, concentrations.
The binding was monitored using a decrease in fluorescence intensity change greater than 530 nm.
The various DMSO, concentrations kinetic traces demonstrated three exponential phases. The first
exponential phase (1-5 ms) was a slight increase in the emission intensity. This phase was

independent of DMSO, concentration. The control reaction of mixing pre-equilibrated DMSMO
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and FMN with buffer (without DMSQO,) (black line in inset of Figure 4B) had an exponential phase
where some of the FMNH :DMSMO complex dissociated to free FMN and free enzyme, resulting
in an increase in fluorescence intensity, which was the reverse reaction to Figure 3B (k, and k—,,
Figure 5). This exponential phase was also found in the various DMSO, concentrations (black
lines) because this was superimposed on other kinetic traces (black line versus red lines, Figure
4B). The second phase was a large decrease in fluorescence intensity; this exponential phase was
DMSO, concentration-dependent. The observed rate constants analyzed from these kinetic traces
were hyperbolically dependent on DMSO, concentration with a significant intercept of 2.80 10.12
s (Figure 4C). The mechanism was interpreted as a two-step binding process: the first step was
DMSO, rapid-equilibrium binding to the FMN:DMSMO complex (k, and k—,, Figure 5) followed
by isomerization (k; and k., Figure 5) to be a fully active complex with a decrease in fluorescence
intensity. The significant intercept value of 2.8 % 0.12 s~ indicated k—,. From the reaction
mechanism, K, (k—,/k,), k; and k—, was obtained from a curve fit to a plot of observed rate constants
using Equation 2 to be 1.42 & 0.08 mM (K,), 12.7 £ 0.16 s~ (k,) and 2.80 = 0.12 s (k.),
respectively.

Increased fluoresence
FMMN + DMSMO

ka || ki DMSO,
Dissociation I\

. ks . Ks Decreased fluoresence
FMN I DM SMO = FMNIDMSMO . DMSQ, m4/————= FMN ,DMSMO ,DMSOC,
] K3
Rapid equilibrium Isomerization

Figure S. The proposed reaction mechanism of DMSO, binding to the DMSMO:FMN complex.
After mixing DMSMO:FMN complex with DMSO,, some of the complex population dissociated shown
as an increase in fluorescence intensity (Figure 3), whereas the other population binds to DMSO, in a
two-step process. The first step of the binding process is a rapid equilibrium followed by isomerization

to be a fully active complex with a decrease in fluorescence intensity.
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Table 1. The rate constants obtained from kinetic analysis using rapid Kkinetic experiments.

Reactions

Rate constants Dissociation constants (K,)

Monooxygenase component

DMSMO + FMN

DMSMO:FMN + DMSO,

DMSMO + FMNH
DMSMO:FMNH + DMSO,

DMSMO:FMNH + O,

DMSMO:FMNH :DMSO, ~ +

0,

k=421X10°M s 174X 09uM’
k=923s 22 pM*

— 1.42 1 0.08 mM
k=127%0165"

k—,=2.80%0.125 "

= 4.08 £ 0.8 UM
= 6.61 L1 UM
942F£071X10°M s

1352006 X 10°M s

4991+ 05%X10'M s

Reductase component

DMSR + NADH

Reduced DMSR+ O,

2IM' s

489+0.03%x10° M's"

Monooxygenase + Reductase

DMSMO:reduced DMSR+ O,
DMSMO:reduced

DMSR:DMSO, + O,

1.6310.06 X 10°M s

1

51Ft06%X10°M's™

“The rate constants were obtained from simulation (Figure 3B).

bKd was obtained from static titration (Figure 3A).

c . . .
K, was obtained from simulation.

“The rate constant from isomerization step in Figure 5.

‘The oxidation of enzyme showed nonhomogeneous kinetics with fast (~40%) and slow (~60%)

populations (Figure 6).
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3.1.4 Oxidation of the FMNH :DMSMO complex by oxygen

The oxidation of the DMSMO:FMNH complex by oxygen was investigated by mixing an
anaerobic solution of DMSMO:FMNH under nitrogen gas in a closed container tonometer with
a buffer with various oxygen concentrations. The reaction kinetics were performed using a
stopped-flow spectrophotometer. The FMNH  spectrum in the presence of DMSMO showed a
perturbation with an increase in extinction at 340 — 400 nm (red line, Figure 6A) compared with
the free FMNH  spectrum (dotted-black line, Figure 6A). The oxidation reaction was monitored
from 300-700 nm (5 nm wavelength intervals). The absorbance change showed an increase in
absorbance from the reduced to the oxidized flavin (blue line, Figure 6A) without the known
C4a-hydroperoxyflavin reactive intermediate. The oxidation by O, demonstrated two exponential
phases. At 0.13 mM oxygen (blue line, Figure 6B), the first phase (1 ms—1 s) was an increase in
absorbance at 445 nm that was 40% of the total absorbance change. The second phase (1-100 s)
was 60% of the total absorbance change (blue line, Figure 6B). The observed rate constants of
both phases were linearly dependent on the various oxygen concentrations (inset in Figure 6B).

The bimolecular rate constant for the fast and slow enzyme populations obtained from the slope

1 1

of the plot (inset in Figure 6B) was 9.42 £ 0.71 X 10°M 's ' and 1.35£0.06 X 10°M " 's ",
respectively (Table 1). The evidence for the oxidation of the FMNH :DMSMO complex, and not
oxidation of the free FMNH , was from a comparison of the control experiments of the oxidation

of free FMNH  with the same oxygen concentrations (Figure 6C). The kinetic traces also

indicated two exponential phases with different kinetic properties. The oxidation of free FMNH

in both exponential phases was faster than in complex with DMSMO.
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Figure 6. Oxidation of reduced FMN (FMNH ) in presence of DMSMO. (A) Blue line: the
oxidized spectrum of FMNH in the presence of 300 LM DMSMO. Red line: the reduced
spectrum of FMNH  in the presence of 300 LM DMSMO. Black line: the reduced spectrum of
free FMNH . Both were stoichiometrically reduced using dithionite in anaerobic condition. (B) 56
uM FMNH  and 300 pM DMSMO solution was mixed with buffer equilibrated with 0.13 (blue),
0.31(red) and 3.1(black) mM oxygen. The reactions were monitored at 445 nm for FMN bound

DMSMO oxidation. Inset B is the plot of the observed rate constants (k) versus oxygen

obs

concentrations. (C) 56 uM free FMNH solution was mixed with buffer equilibrated with 0.13
(blue), 0.31 (red) and 3.1 (black) mM oxygen. The reactions were monitored at 450 nm for FMN
oxidation.

Reaction was performed in 50 mM potassium phosphate pH 7.0 at 25 °c using stopped-flow

spectrophotometer. All concentrations as described were after mixing.

3.1.5 Binding of monooxygenase to reduced FMN (FMNH )

The binding of DMSMO to FMNH  was observed by absorption spectral perturbation (red
line, Figure 7A). The rapid kinetics for the oxidation of the FMNH :DMSMO complex by oxygen
also demonstrated different results from free FMNH . This experiment was to investigate how fast

the binding of FMNH to DMSMO was compared with free FMNH  oxidation. A different mixing
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was performed by the oxidation of pre-equilibrated FMNH with DMSMO in air-saturated buffer
(blue line, Figure 7A), and compared with the kinetic trace from mixing free FMNH with
DMSMO in air-saturated buffer (red line, Figure 7A). The kinetic traces for enzyme oxidation at
445 nm were very similar, indicating that DMSMO binds to FMNH  very fast before the oxidation
of free FMNH occurs. Therefore, the K, for FMNH binding to DMSMO could be determined by
mixing FMNH  with various DMSMO concentrations in air-saturated buffer. The dotted-blue line
trace (Figure 7B) showed the oxidation of free FMNH . The FMNH in complex with the enzyme
was more slowly oxidized from lower to higher DMSMO concentrations (from upper to lower solid
lines. Figure 7B). A maximum magnitude of absorbance change at 0.6 s using the dotted line as
reference was used to calculate the amount of the DMSMO:FMNH complex (ES). The K value

obtained from the plot of [ES] versus DMSMO concentrations was 4.1 +0s8 UM (Figure 7C).



34

Absorbance 445 nm
Absorbance 445 nm

0.05 0
0.001 0.01 0.1 1 10 100 0.001 0.01 041 1 10 100
Time (s) Time (s)

35
30
25
20
15
10

[ES] M

0 100 200 300 400
[DMSMO] (uM)

Figure 7. The binding of reduced FMN (FMNH ) to DMSMO. Alternate mixing experiments
between FMNH  and DMSMO were performed. (A) Blue line: Pre-equilibrated 56 UM of
FMNH and 300 UM DMSMO solution mixed with air-saturated buffer. Red line: Same
FMNH  solution was mixed with 300 UM DMSMO in air-saturated buffer. (B) 30 UM
FMNH solution was mixed with 10, 20, 40, 80, 160, 320 and 640 uM DMSMO in air-saturated
buffer. The dotted-line was the kinetic trace from oxidation of free FMNH . The solid lines from
the uppermost to the lowest kinetic trace were in the presence of the various DMSMO from the
lowest to the highest concentrations as described above. (C) The absorbance change at 0.6 s
from the kinetic traces in (B) was used to calculate the FMNH :DMSO complex ([ES])
concentrations. The [ES] concentrations were plotted against the DMSMO concentrations to
determine the dissociation constant for binding of FMNH to DMSMO.

The reactions were performed in 50 mM potassium phosphate pH 7.0 at 25 °c using stopped-
flow spectrophotometer. All concentrations as described were after mixing. Oxidation of free

FMN and enzyme bound FMN was monitored at 445 nm.

3.1.6 Oxidation of the FMNH :DMSMO complex in the presence of DMSO,
Oxidation of the DMSMO:FMNH complex by oxygen in the presence of DMSO, was

performed using rapid kinetics. Scanning the absorbance change from reduced to oxidized enzyme
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in the presence of substrate from 300-700 nm did not detect the C4a-hydroperoxyflavin
intermediate. The pre-equilibrated DMSMO, oxidized FMN and DMSO, to form a ternary complex
could not reduce FMN by sodium hydrosulfite. The electrons from sodium hydrosulfite may have
reduced 5 mM DMSO, instead of flavin because the reduction of FMN using sodium hydrosulfite
without substrate had been carried out successfully. Therefore, DMSO, had to be separated into the
oxygenated buffer and then mixed with the DMSMO/FMN solution. However, it was necessary to
demonstrate that DMSO, could bind to the DMSMO:FMNH complex fast enough before reacting
with oxygen. The DMSMO and FMN mixture was stoichiometrically reduced in a tonometer
attached with a Michel-Miller adapter, and then an anaerobic DMSO, solution was transferred to
the tonometer under positive nitrogen gas pressure through a long needle gas-tight syringe
incorporated with a microtitrator. The ternary complex solution was mixed with air-saturated
buffer. The kinetic trace of flavin oxidation at 445 nm (red line, Figure 8 A) was superimposed with
the blue line, which was the kinetic trace from mixing the DMSMO:FMNH complex with 5 mM
DMSO, in air-saturated buffer. The results indicated that DMSO, binds very fast to
DMSMO:FMNH to form a ternary complex before flavin oxidation. Therefore, the experiments
for the oxidation of the FMNH :DMSMO complex in the presence of DMSO, were performed by
separating DMSO, from the FMNH :DMSMO complex.

The DMSMO:FMNH ' complex solution was mixed with 5 mM DMSO, in various oxygen
concentrations (Figure 8B). The reactions were monitored by the absorbance change at 445 nm.
An increase in absorbance showed a single-exponential phase. The observed rate constants for
flavin oxidation were linearly dependent on the oxygen concentrations (inset in Figure 8B). The
bimolecular rate constant calculated from the slope of the plot was 5.0 0.5 X 10'M™'s "' (Table
1). The binding of DMSO, to DMSMO:FMNH  was observed based on different kinetic properties
for oxidation. The ternary complex demonstrated faster oxidation than FMNH :DMSMO, (5.0 +
0.5X 10'M™'s ' versus 1.4 0.1 X 10’ M 's™ ). The dotted-blue line in Figure 8C represents

the oxidation of DMSMO:FMNH . The solid-blue lines showed that oxidation occurred faster in a
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DMSO, concentration-dependent manner (Figure 8C). A maximum magnitude of absorbance

change at 445 nm at 0.1 s using the dotted-blue line as reference was used to calculate the ternary
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complex concentrations. The K, value was obtained from a plot of the ternary complex versus the

DMSO, concentrations at 445 nm as 6.6 1.0 UM (Figure 8D, Table 1).
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Figure 8. Kinetic oxidation of DMSMO:FMNH complex in a presence of DMSO,. Reaction was
performed in 50 mM potassium phosphate pH 7.0 at 25 °c using stopped-flow spectrophotometer.
All concentrations as described were after mixing. (A) Alternate mixing between DMSO, and
DMSMO:FMNH  complex. Pre-equilibrated 56 uM FMNH  and 300 uM DMSMO solution was
mixed with 5 mM DMSO, in air-saturated buffer (blue line). Pre-equilibrated 56 uM FMNH , 300
uM DMSMO and 5 mM DMSO, was mixed with air-saturated buffer (Red line) (B) Pre-equilibrated
56 uM FMNH and 300 uM DMSMO solution was mixed with 5 mM DMSO, solutions equilibrated
with 0.13 (blue), 0.31 (red) mM and 3.1 (black) mM oxygen. The reactions were monitored at 445 nm

for FMN oxidation. Inset B shows the plot of the observed rate constants (k_, ) analysed from (B)

obs
versus oxygen concentrations. (C) Binding of DMSO, to DMSMO:FMNH  complex was investigated
by mixing of a 56 uM FMNH and 300 uM DMSMO solutions with 5 uM, 10 uM, 20 uM, 30 uM,
40 uM, 100 pM, 200, 400 uM DMSO, in air-saturated buffer as blue-solid lines. The lowest to
uppermost lines were from the lowest to the highest concentrations. Dotted blue line represent the
oxidation of DMSMO:FMNH complex. (D) The [ternary complex] concentrations (calculated from

absorbance change at 0.1 s from (C)) were plotted against the DMSO, concentrations to determine the

dissociation constant for binding of DMSO, to DMSMO:FMNH .
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3.1.7 Kinetic reduction and oxidation of the reductase component

The reduction of the reductase component was performed by mixing oxidized enzyme with
various NADH concentrations under a pseudo-first order condition in an aerobic condition. The
enzyme reduction showed a decrease in absorbance at 448 nm (Figure 9A). The analysis of the
kinetic traces of the reduction demonstrated a single exponential phase. The observed rate constants
for flavin reduction were linearly dependent on the NADH concentration (Figure 9B). The
bimolecular rate constant determined from the slope of the plot of the observed rate constants versus
NADH concentration was 42.7 M s .

The oxidation of the reduced reductase by oxygen was performed by mixing reduced
reductase with various oxygenated buffers. The enzyme oxidation was monitored by an increase in
absorbance at 448 nm (Figure 9C). The analysis of the kinetic traces showed a single exponential
phase where the observed rate constants were oxygen concentration-dependent with a bimolecular

rate constant of 4.9 X 10° M s .
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Figure 9. Kinetic reduction and oxidation of the reductase component. (A) 37 uM DMSR was
mixed with 0.5, 1, 2, 4, 8, 16, 31 mM NADH. The blue lines from left to right were according to
the lowest to the highest NADH concentrations. (B) A plot of the observed rate constants analyzed
from (A) versus NADH concentrations. (C) 37 uM DMSR solution was stoichiometrically reduced
using sodium hydrosulfite. The reduced enzyme was mixed with buffer equilibrated with 0.13 (blue),

0.31 (red) and 3.1 (black) mM. Inset C is the plot of the observed rate constants (k, ) analyzed from

obs

(C) versus oxygen concentrations as described above.
Reactions were performed in 50 mM potassium phosphate pH 7.0 at 25 °c using stopped-flow
spectrophotometer under anaerobic condition. The reactions were monitored at 448 nm for flavin

reduction. All concentrations described were after mixing.

3.1.8 The reduced FMN (FMNH ) transfer from the reduced reductase to DMSMO

Mixing the reduced reductase with DMSMO showed a spectrum perturbation with an
increased extinction coefficient of 340-400 nm (red line, Figure 10A), compared with the reduced
reductase spectrum (black line, Figure 10A). The observed spectral perturbation was similar to the
binding of DMSMO to FMNH  (red line, Figure 6A). These results indicated that the FMNH
from the reductase was transferred to the DMSMO active site.

The kinetic properties of flavin oxidation in reduced DMSR with DMSMO mixture was

monitored by an absorbance change at 448 nm (Figure 10B). The kinetic traces were different from



40

those of free FMNH (Figure 6C), indicating that all the FMNH was transferred to DMSMO
prior to oxidation. The kinetic analysis of an increase in absorbance at 448 nm demonstrated a
single exponential phase. The analysis of the oxygen-dependent observed rate constants from the
kinetic traces at 448 nm were linearly dependent with the bimolecular rate constant of 1.6 £ 0.1 X
10°M ™ 's"' (inset in Figure 10B, Table 1).

In the presence of DMSO.,, the kinetic oxidation was faster than oxidation without DMSO,.
At the same oxygen concentration of 0.13 mM, the reaction of the blue line in Figure 10C ended
at 1 sec, whereas the blue line in Figure 10B finished at a longer time of 50 sec. The analysis of
the oxygen-dependent revealed rate constants from the kinetic traces at 448 nm that were linearly
dependent with a bimolecular rate constant of 5.1 +0.6X10°'M™'s ' (inset in Figure 10C, Table

1).
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Figure 10. Kinetic oxidation of reduced DMSR and DMSMO complex in absence and presence
of DMSMO,. (A) Spectrum of 46 uM DMSR (Black line) and 46 uM DMSR premixed with 300
UM DMSMO solution (Red line) stoichiometrically reduced using sodium hydrosulfite in an
anaerobic closed container. The reactions were performed in 50 mM potassium phosphate pH 7.0 at
25 °C using stopped-flow spectrophotometer. All concentrations described were after mixing. The
reactions were monitored at 448 nm for flavin oxidation. (B) The solution from A was mixed with
0.13 (blue) mM, 0.31 (red) mM and 1.03 (black) mM oxygenated buffer. The reaction kinetics were

monitored by the absorbance change at 448 nm. The observed rate constants (k) analyzed from (B)

obs
was plotted versus oxygen concentration (inset B). (C) The same solution (A) was mixed with 0.13
mM, 0.31 mM and 1.03 mM oxygenated buffer containing 5 mM substrate DMSO,. The reactions

were monitored at 448 nm for flavin oxidation. The observed rate constants (k) analyzed from (C)

obs

was plotted versus oxygen concentration (inset C).

3.1.9 Kinetics of the reduced flavin transfer from reduced DMSR to DMSMO

We have already shown that substituting reduced DMSR with reduced FMN in complex
with DMSMO provided similar kinetics for oxidation with DMSO, (Table 1). In addition,
methanesulfinate was identified from the DMSMO in complex with either reduced FMN or reduced
DMSR. These results confirmed that the reduced FMN was transferred from DMSR to DMSMO.

Therefore, this experiment investigated how quickly the reduced flavin transferred. The experiment
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was performed using the double-mixing mode of the stopped-flow spectrophotometer. The reduced
DMSR was equilibrated with DMSMO at different times in the first mixing. The solution mixture
was mixed with air-saturated buffer to observe the kinetic oxidation of FMNH :DMSMO complex,
which was different from the oxidation of reduced DMSR. The oxidation of reduced DMSR (4.89
+0.03 X 10°M" s, Table 1) was faster than the oxidation of reduced DMSR:DMSMO complex
(1.63 + 0.06 X 10’ M_ls_l, Table 1). Therefore, the slower oxidation was used to indicate the
FMNH :DMSMO complex. The red line in Figure 11A is the control reaction of first mixing the
reduced DMSR with anaerobic buffer, and then the reduced enzyme was mixed in an air-saturated
buffer (second mixing). The kinetic trace at 448 nm of the flavin oxidation showed that the reaction
ended at 18 sec. The green lines in Figure 11A are the mixing of reduced DMSR with DMSMO in
the first mixing with different equilibration times. The kinetic traces of the equilibration times from
0.01-10 sec were superimposed and their oxidation kinetic traces ended at 80 sec, which were from
the FMNH :DMSMO complex. The green lines were also superimposed with the oxidation of pre-
equilibrated FMNH :DMSMO (dotted-blue line, Figure 11A). The kinetic properties were the
same at different equilibration times and the observed rate constant of the reduced FMN transfer
from DMSR to DMSMO was estimated using the lowest equilibration time of 0.01 sec to be at least
140 sec .

The reduced DMSR was mixed with DMSMO in air-saturated buffer, in a separate syringe,
to determine whether the reduced flavin transfer from DMSR to DMSMO occurred in the dead time
or not. The black line in Figure 11B was from mixing the reduced DMSR with DMSMO prepared
in air-saturated buffer in a separate syringe. The kinetic trace for flavin oxidation at 448 nm showed
two exponential phases. From 1 msec to 0.8 sec the black line was superimposed with the re-
oxidation of reduced DMSR (red line, Figure 11B), whereas the black line of 0.8-50 sec was
similar to the blue line in Figure 11B, which was the trace from mixing the pre-equilibrated reduced
DMSR and DMSMO with air-saturated buffer. The results indicated that there was partially a

reduced flavin transfer from the reduced DMSR to DMSMO with slower oxidation, whereas the
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other population of reduced DMSR was oxidized by oxygen. The magnitude of the absorbance
change of the black line (Figure 11B) from 1 msec—0.8 sec was 32% of the total absorbance change
at 448 nm. Therefore, the other 68% was the oxidation of the reduced FMN:DMSMO complex.
The results also demonstrated that oxygen could partially compete to re-oxidize flavin on the
reduced DMSR before the reduced flavin is transferred to DMSMO.

The fast transfer of the reduced FMN was possibly from the free reduced FMN released
from reduced DMSR prior to mixing with DMSMO. However, the experiment for investigating the
amount of reduced FMN released from reduced DMSR was performed using gel filtration sephadex
G-10 (see Methods). The free reduced FMN released in equilibrium was 166 UM from 400 UM
reduced DMSR or only 41.5% that was released as free reduced FMN. Therefore, if only 41.5%
was released from DMSR, the oxidation of FMNH :DMSMO would show two exponential phases:
one would be the rapid binding of the released reduced FMN with DMSMO prior to oxidation by
oxygen. This phase would show a magnitude of ~40% of the total absorbance change at 448 nm.
The second phase would be the slow release of reduced FMN bound on DMSR with a magnitude
of 60% of the total absorbance change at 448 nm. However, the kinetic oxidation of the
FMNH :DMSMO complex at different equilibration times demonstrated a single exponential
phase and was similar to pre-equilibrated FMNH :DMSMO (green lines versus dotted-blue line,
Figure 11). The interaction of DMSMO with reduced DMSR might be transient that could trigger

the 60% remaining reduced FMN to transfer to DMSMO very fast.
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Figure 11. Reduced flavin transfer from reduced DMSR to DMSMO using double-mixing mode
of stopped-flow spectrophotometer. (A) reduced DMSR 56 UM solution was mixed with 300 LLM
DMSMO, both enzymes were prepared in a closes container tonometer under positive nitrogen for
anaerobic condition. Red line is a control reaction from the mixing of reduced DMSR with anaerobic
buffer (no DMSMO) in the first mixing, and then the solution was mixed with air-saturated buffer.
Green lines were from mixing reduced DMSR and DMSMO equilibrated at 0.01 s, 0.02 s, 0.05 s, 0.08
s, 0.1,0.2s, 1 s, 5 s and 10 s before mixing with air-saturated buffer. Dotted-blue line was a control
reaction from mixing pre-equilibrated reduced DMSR and DMSMO with air-saturated buffer. (B)
Alternate mixing of reduced DMSR with DMSMO. Red line was from the re-oxidation of 56 UM
reduced DMSR with air-saturated buffer. Blue line was from mixing the pre-mixed 56 |[AM plus 300
UM DMSMO solution with air-saturated buffer. Black line was from mixing 56 |JAM DMSR with 300
UM DMSMO prepared in air-saturated buffer. The reactions were performed in 50 mM potassium
phosphate pH 7.0 at 25 °c using stopped-flow spectrophotometer. All concentrations described were

after mixing. The reactions were monitored for flavin oxidation at 448 nm.

3.1.10 Methanesulfinate analysis from enzyme multiple and single turnover

The product conversion from multiple turnover reactions was performed using
concentrations of NADH and DMSO, that were higher than those of DMSR and DMSMO under
air-saturation. The product from the multiple turnover reactions was analyzed using LC-MS. The
percentage of methanesulfinate in coupled DMSMO and DMSR was only 30% compared with
using C, reductase 82% (without HPA stimulator) and 96% (with HPA) (Table 2). These findings

may be because the reduction of C, is much faster than DMSR.
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The percent of methanesulfinate using DMSMO and DMSR after adding an extra 56 UM
free FMN showed an increase in product that was only 9% (39%) higher than not adding FMN
(30%) (Table 2). These results suggested that additional FMN was not important for product
formation. This result confirmed the reduced FMN transfer from DMSR.

The percent of methanesulfinate using DMSMO and IIFD, which is a reductase component
of the indole 3-monooxygenase system containing FAD as a cofactor, demonstrated very low
product formation of 5.7% during multiple turnovers. Although FMN has been demonstrated as a
native cofactor, DMSMO might use FADH with a low catalytic efficiency. The product was
increased to 14.8% when 56 UM free FMN was added to the reaction (Table 2). This result showed
that free FMN could accept an electron from FADH  and transfer it to DMSMO.

The product conversion from single turnover reaction was performed using solutions of
reduced FMN or reduced DMSR in the presence of DMSMO under anaerobic condition that were
then mixed with air-saturated buffer. The percentage of product formation was based on the starting
concentrations of reduced FMN or reduced DMSR. It should be noted that the reducing agents used
in the single-turnover reactions have shown a conversion of methanesulfinate to other compounds
or a degraded form whose mass could not be detected. Reactions 1 and 2 used 56 LUM FMN of
which the reducing agents were sodium hydrosulfite and EDTA (photo reduction), respectively
(Table 3). The methanesulfinate disappeared when using sodium hydrosulfite,
whereas the photoreduction using EDTA showed a lower coupling reaction of 33%, compared with
90.5% from using NADH for reducing DMSR coupled with DMSMO in reaction 10 (Table 3). The

control in reaction 3 revealed that oxidized FMN has no effect on methanesulfinate stability.

Table 2. The product conversion of methanesulfinate from enzyme multiple turnover
reactions. The reactions contained 56 JAM reductase (all types of the reductases), 300 UM

DMSMO, 1 mM NADH and 5 mM DMSO,. All reactions were performed in 50 mM potassium
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phosphate pH 7.0 at 25 °C under air-saturated condition and left for 30 min. The methanesulfinate
product was detected using LC-MS equipped with C; column. The concentrations of
methanesulfinate were determined using a calibration curve of a plot of the area under the mass
peak versus the standard’s concentration. The percentage of methanesulfinate and formaldehyde

was calculated based on 1 mM NADH.

Multiple turnover reactions Methanesulfinate (%) Formaldehyde (%)
DMSR + DMSMO 30 9.6

DMSR + DMSMO + FMN 39 —

C,"+ DMSMO 82 -

C," + DMSMO + HPA’ 96 —

IIFD+ DMSMO 5/7 —

IIFD° + DMSMO + FMN 14.8 -

“The reductase component (FMN bound) of the two-component flavoprotein p-
hydroxyphenylacetate hydroxylase.

"The stimulator of C, for reduction by NADH and released FMNH  from C,.

‘The reductase component (FAD bound) of the two-component flavoprotein indole 3-

monooxygenase.

Table 3. The product conversion of methanesulfinate from single-turnover reactions. All

reactions were performed in 50 mM potassium phosphate pH 7.0 at 25 ©C. The reactions were
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performed using FMN or using the reductase components from other systems: the 56 |JAM FMNH
or reduced reductase and 300 LLM DMSMO solution was mixed with 5 mM DMSO, in air
saturation buffer in equal volume. The reducing reagents used for both FMN and DMSR

components were specified in the table. The product was analyzed using LC-MS.

Single-turnover reactions Methanesulfinate (%)

Control reactions

1. [FMNH + 56 UM methanesulfinate] + O, not detected
(reduced using sodium hydrosulfite)
2.[FMNH + 56 UM methanesulfinate + EDTA] + O, 33

(reduced using photoreduction)

3. FMN + 56 .UM methanesulfinate 100

(not reduced)

4. 56 UM H,0, + 5 mM DMSO, not detected
5.[FMNH + EDTA]+ [0, + DMSO,] not detected

(reduced using photoreduction)

Presence of the monooxygenase component

6. [FMNH ™ + DMSMO] + [0, +DMSO,] not detected
(reduced using sodium hydrosulfite)
7. [FMNH ™ + DMSMO] + [0, + DMSO,] 15

(reduced using EDTA: photoreduction)

Presence of the reductase component

8. [Reductase + DMSO,] + [0,+ DMSO,] not detected

(reduced using NADH)

Presence of both reductase and monooxygenase

9. [DMSR + DMSMO] + [0, + DMSO,] 84.8
(reduced using sodium hydrosulfite)

10. [DMSR + DMSMO] + [0, + DMSO,] 90.5
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(reduced using NADH)

11. [DMSR + DMSMO + superoxide dismutase (60.5 units)] + [0, + 93.4
DMSO,]

(reduced using NADH)

12. [DMSR + DMSMO + catalase (67 lg/ml)] + [O, + DMSO,] 92.3

(reduced using NADH)

3.1.11 Effect of H,0, on product formation

Hydrogen peroxide is one of the reactive oxygen species generated by the oxidation of
reduced flavin by oxygen. Mixing hydrogen peroxide directly with DMSO, reaction 4 (Table 3)
generated no product, including the generated hydrogen peroxide from the oxidation of FMNH  in
the presence of 5 mM DMSO, in reaction 5. The photoreaction should generate methanesulfinate
if hydrogen peroxide reacts with DMSO, because the product is partially affected by EDTA
(reaction 2).

In the presence of DMSMO, using the reducing agents, sodium hydrosulfite and EDTA,
reaction 6 and 7 demonstrated in a similar effect to that found in reaction 1 and 2 on
methanesulfinate stability. The hydrogen peroxide from the oxidation of reduced DMSR (using
NADH) also showed no product in reaction 8.

In presence of DMSR (reaction 9), the effect of sodium hydrosulfite was minimized, and
the product recovered to 84.8%, compared with using NADH as a reducing agent in reaction 10
where 90.5% of the product formed.

We investigated whether DMSMO used either free form hydrogen peroxide or superoxide
radical to incorporate an oxygen atom to DMSO,. Reactions 11 and 12 were performed using
superoxide dismutase and catalase. Neither enzyme demonstrated an effect because the percent
coupling of the product was 93.4% and 92.3%, respectively, which were similar to the reactions

without either enzyme (reaction 10).
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Table 4. The hydrogen peroxide quantitation from single-turnover reactions. All reactions

were performed in 50 mM potassium phosphate pH 7.0 at 25 °C. Air-saturated buffer was used for

enzyme re-oxidation. For the reactions using reduced DMSR, the concentrations of DMSR,
DMSMO and DMSO, was 56 UM, 300 LM, and 5 mM, respectively. For the reactions using
reduced C, and HPA the concentration was 56 UM and 200 UM, respectively. The percent of

hydrogen peroxide was calculated based on either 56 AM of reduced C, or reduced DMSR used.

Single-turnover reactions H,0, (UM) H,0, (%)
[Reduced C, + HPA] + O, 30.2 54
[Reduced C, + HPA + DMSMO] + O, 25.8 46

[Reduced C, + HPA + DMSMO] + O,/DMSO, not detected —

Reduced DMSR + O, 48.6 UM 86
[Reduced DMSR + DMSMO] + O, 31.3 UM 56
[Reduced DMSR + DMSMO] + O,/DMSO, not detected —

3.1.12 Determination of the rate constants for monooxygenation using rapid-quenched flow.

The rate constant for the monooxygenation of DMSMO was determined using DMSR as
an FMNH  donor. A 56 [AM DMSR and 300 JAM DMSMO solution was reduced using NADH.
The solution containing both enzymes was mixed with 5 mM DMSQO, in air-saturated buffer. The
reactions were quenched using 0.075 M HCI at different time points. The product formed at the
different quenching times was analyzed using LC-MS. The concentrations of the product were
determined using the area under the mass peak based on a calibration curve. The plot of
methanesulfinate concentration versus quenched time was fitted with a single exponential phase
using Equation 3 to obtain the observed rate constant for monooxygenation of 7.2 £ 1.2s™ ' (closed-
circle red line in Figure 12A). The plot was compared with the kinetic trace of flavin oxidation
from mixing the reduced DMSR and DMSMO reduced using NADH with air-saturated buffer
containing DMSO, in a stopped-flow spectrophotometer at the same condition used in the quenched

flow experiment. The reaction was monitored at 448 nm. The observed rate constant for flavin
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oxidation was 6.2 & 0.01 s~ ', which was similar to the observed rate constant from the rapid
quenched-flow.

A rapid kinetic study using CCD to monitor the change in the oxidation of reduced DMSR
in complex with DMSMO without DMSO, substrate spectra did not detect an intermediate during
enzyme oxidation, only the spectra of the reduced form of flavin was detected (dotted line, Figure
12B) to an oxidized form (solid lines, Figure 12B). In the presence of substrate, the oxidation of
reduced enzyme (black solid line, Figure 12C) was compared with the spectrum at 1 sec, which
was the end-time of methanesulfinate formation (red line, Figure 12C), based on the rapid-
quenched flow results (Figure 12A). The red line spectrum in Figure 12C was not different from
fully oxidized flavin (blue line, Figure 12C). This indicated that flavin was oxidized at the same
rate as product formation, and hydrogen peroxide possibly played an important role for oxygen

assimilation into the substrate (see next section).



51

§—- 80 |||||||||\| TTT |||_0'7 >

—- 3 o

) 4 9

1 4 0]

m 3 -

2 Jos § 2

= 3 > @®©

| — o E

D E o5

2 Hos » &

o = > O

@ 20 =

o A 3 o <

= =

Q E =

E 0 ||||||I|\||||\||||—0.1 3 0

= "0 02 04 06 08 1 300 350 400 450 500 550 G6OO

Time (s) Wavelength (nm)

0.8 q

® E

o 0.6 -3

c 3

@ E

2 o4 3

o 3

8 E

=< 02 3

0
300 350 400 450 500 550 600
Wavelength (nm)

Figure 12. Kinetics and the spectral change for producing methanesulfinate. (A) Rate constant for
producing methanesulfinate determined using rapid-quenched flow (Red line) vs. rate of flavin
oxidation (Black line). 56 LM reduced DMSR and 300 LM DMSMO mixture was prepared. DMSR
was stoichiometrically reduced using NADH titration. The reduced DMSR in the presence of DMSMO
was mixed with air-saturated buffer containing 5 mM DMSO,. The reaction was quenched with 0.075
M HCI at various times. All reactions were performed in 50 mM potassium phosphate pH 7.0 at 25 °c
in an anaerobic glove box. All concentrations described were after mixing. The product was analyzed
using LC-MS. The methanesulfinate concentrations were determined using a standard curve of the
area under the mass peak of the methanesulfinate standard. Dotted-red line represents the
methanesulfinate concentration according to the quenched times. The solid-red line was the curve fit
(non-linear algorithm) using one exponential function to obtain the observed rate constant for
methanesulfinate. Black line represents the kinetic trace from mixing the same concentration of
reduced DMSR and DMSMO mixed with air-saturated buffer containing 5 mM DMSQO,. The reaction
was performed in a stopped-flow spectrophotometer and monitored an absorbance change at 448 nm.
(B) A 56 LM DMSR and 300 LLM DMSMO solution was stoichiometrically reduced with NADH and
mixed with air-saturated buffer. The reaction was monitored using CCD detector to obtain spectra
changing from reduced enzyme (dotted-blue line) to oxidized enzyme. The spectral change was
monitored at 0.2 s of interval time until 100 s. (C) The DMSR and DMSMO mixture as (B) was mixed
with air-saturated buffer containing 5 mM DMSO,. The reaction was monitored using CCD to obtain
spectra changing from reduced enzyme (black line) to oxidized enzyme (blue line). The spectral change
was monitored at 0.01 sec intervals time up to 3 sec. The red line represents the observed spectrum at

1 s correlated with the time of the end of methanesulfinate formation.
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3.1.13 Quantification of hydrogen peroxide from a single-turnover reaction with or without
DMSO,

The hydrogen peroxide from reduced FMN oxidation in complex with DMSMO was
quantified and compared with the same reaction, but in the presence of DMSO,. If the hydrogen
peroxide from flavin oxidation plays an important role in the catalytic cleavage of dimethyl sulfone
into methanesulfinate and formaldehyde, hydrogen peroxide would disappear or be reduced in the
presence of DMSO,. The C, reductase of p-hydroxyphenylacetate 3-hydroxylase (HPA) can
generate reduced FMN. In the presence of an HPA stimulator, the released reduced FMN will be
enhanced. A 56 UM C, reductase and 300 LLM DMSMO solution was reduced (blue line, Figure
13A) and mixed with air-saturated buffer to the fully oxidized form (red line, Figure 13A). The
hydrogen peroxide assay reagent (ABTS and horseradish peroxidase) was then added. The oxidized
ABTS spectrum with the highest peak at 735 nm and a broad range of 500—1000 nm is seen as a
green line (Figure 13A). The hydrogen peroxide concentration was determined as 30.2 LM or 54%
(Table 4). The same experiments using reduced C, in the presence of DMSMO (blue line, Figure
13B) were mixed with air-saturated buffer to obtain the fully oxidized form (red line, Figure 13B).
Hydrogen peroxide assay reagent was then added into the reaction (green line, Figure 13B). The
concentration of hydrogen peroxide decreased to 25.8 LM or 46% (Table 4), whereas in the
presence of 5 mM DMSO,, no oxidized ABTS spectrum was observed (Figure 13C).

The same procedure for quantifying hydrogen peroxide was performed using 56 UM
reduced DMSR (Figure 13D). The oxidation of reduced DMSR also generated 48.5 LM or 86%
hydrogen peroxide (Table 4). In presence of DMSMO (Figure 13D), the hydrogen peroxide was
decreased to 31.3 LLM or 56% (Table 4). Similar to the results in Figure 13C, hydrogen peroxide
was not detected in presence of DMSO, (Figure 13F). This proves that H,O, is used to attack the

DMSO, substrate for the oxygenation reaction to formed Methanesulfinate.
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Figure 13. Enzyme utilizing hydrogen peroxide for oxygen assimilation into dimethyl sulfone in
single-turnover reaction. (A) Blue line: 56 AM C, and 200 LAM HPA solution was stoichiometrically
reduced with NADH. Red line: The reduced enzyme was mixed with air-saturated buffer. Green line:
The enzyme was re-oxidized and 1 mM ABTS and 5 units of HRP solution was mixed with re-oxidized
enzyme. (B) Blue line: 56 UM C,, 200 UM HPA and 300 LLM DMSMO solution was reduced as
described in A. Red line: The enzyme mixture was re-oxidized by mixing it with air-saturated buffer.
Green line: The re-oxidized enzyme containing both components was mixed with ABTS and HRP.
(C) Blue line: A 56 UM C,, 200 LLM HPA, 300 AM DMSMO and 5 mM DMSO, solution was
reduced using as described in A. Red line: The enzyme mixture was re-oxidized by mixing it with air-
saturated buffer. Green line: The re-oxidized enzyme containing both components was mixed with
ABTS and HRP. (D) Blue line: 56 LM DMSR solution was stoichiometrically reduced with NADH.
Red line: The reduced enzyme was mixed with air-saturated buffer. Green line: The enzyme was re-
oxidized and was hydrogen peroxide formed. A 1 mM ABTS and 5 units of horseradish peroxidase
(HRP) solution was mixed with re-oxidized enzyme. All concentrations as described and spectra were
after mixing. (E) Blue line: 56 |JAM DMSR and 300 |AM DMSMO solution was reduced using as
described in A. Red line: The enzyme mixture was re-oxidized by mixing it with air-saturated buffer.
Green line: The re-oxidized enzyme containing both components was mixed with ABTS and HRP.
(F) Blue line: A 56 UM DMSR, 300 )AM DMSMO and 5 mM DMSQO, solution was reduced using as
described in A. Red line: The enzyme mixture was re-oxidized by mixing it with air-saturated buffer.

Green line: The re-oxidized enzyme containing both components was mixed with ABTS and HRP.
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3.2. Enzyme immobilization

3.2.1 Ni-NTA/H,N-SiO,@CoFe,0, characterization

10 pm oK

Figure 14. SEM/EDX image of the synthesized Ni-NTA/H,N-SiO,@CoFe,O, showing the

presence of B) O, C) Fe and D) Ni

The morphology of CoFe,0, nanoparticles was assessed using SEM (Figure 14). The
images show that the synthesized particles are well uniformed with estimated particles sized of
about 500 nm. Energy-dispersive X-ray spectroscopy (EDX) analysis of CoFe,O, confirmed that
elements such as Co, Fe, Si, O, C and Ni were uniformly distributed on the surface of the particles
(Figure 14b-d). The presence of Ni’ indicates the successful surface modification with Ni-NTA.

The X-ray diffraction of the synthesized CoFe,O, and Ni-NTA/H,N-SiO,@CoFe,0,
corresponds to the crystallized magnetic CoFe,O, plane (JCPDS # 22-1086). The discernable peaks
can be indexed to (220), (311), (400), (422), (511) and (440) planes. The diffraction peaks of
CoFe,0, and Ni-NTA/H,N-SiO,@CoFe,0 are identical to those of the standard magnetic CoFe,O,

indicating that the functionalization does not affect the crystal structure of CoFe,O, (Figure 15).
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Figure 15. XRD pattern of (A) CoFe,O, and (B) Ni-NTA/H,N-SiO,@CoFe,0,.

3.2.2 Immobilization of DMSMO and DMSR onto CoFe,0,

To determine the amount of enzyme immobilized onto the nanoparticles, supernatants were
collected after incubating both DMSMO and DMSR with the magnetic nanoparticles. Enzyme
concentration measured from the collected supernatant will be deemed as the excess enzyme that
is not immobilized, once this concentration was subtracted from the initial concentration of enzyme
added, the amount of immobilized enzyme was calculated to be approximately 0.6 uM/ 1 mg of
Ni-NTA/H,N-Si0,@CoFe,0,. To study the specificity of Ni-NTA functionalized nanoparticles to
the His-tagged DMSMO and DMSR, the immobilized enzyme was eluted and analyzed by SDS-
PAGE (Figure 16). The sample eluted (lane 4, Figure 16) showed only two bands at molecular
weight of approximately 42 kDa and 27 kDa, consistent with the weight of DMSMO (41.8 kDa)
and DMSR (26.7 kDa), respectively. The size of the elution band shows that DMSR shows a higher

affinity for the Ni-NTA functionalized particles when compared to DMSMO.
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Figure 16. SDS-PAGE (12%) of immobilized DMSMO and DMSR. Lane 1: molecular
weight markers, Lane 2: supernatant collected after incubation, Lane 3: wash collected , Lane 4:

eluted solution.

3.3.3 Efficiency of immobilized enzyme

To determine the effect of different immobilization types on the enzyme performance,
separate immobilization and co-immobilization was prepared and the initial rate was compared to
the free DMSMO and DMSR system. The same concentration of enzymes was used for all three
types of reactions. The initial rate of each type is shown in Table 4, the results show that the free
enzyme system shows the fastest initial rate at 4.23 + 0.5 uM min_ ', while the separate
immobilization shows a decrease in half of the initial rate at 2.61 = 0.4 uM min_ ' and the co-
immobilization shows the slowest initial rate at 1.21 £ 0.1 uM min_ .

Table 5. The initial rate obtained from multiple turnover reaction

Multiple-turnover reactions Initial rate (uM min_l)
Separate immobilization 2.61+04
Co-immobilization 1.21 £0.1

Free enzyme 4.23+0.5
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3.3.4 Stability of immobilized enzyme

Enzyme efficiencies are greatly affected by the storage environment and environment the
reaction occurs. Normally, enzymes are stored at -80 °C, the activity of free DMSMO and DMSR
stored at 4 °C was seen to be significantly decreased to about 50% after five days of storage.
Immobilization of the enzymes was shown to drastically improve and prolong the activity of the
enzyme as the activity remained higher than 50% until day 8 of storage at 4 °C (Figure 17a).

For temperature and pH stability, it could be seen that the activity of co-immobilized
DMSMO and DMSR was at its peak at pH7.0 and temperature of 30 °C. When pH is below 7 and
temperature rises above 30 °C, it can be seen that the co-immobilized enzyme retains significantly
higher activity when compared to the free enzyme (Figure 17b-c). Denaturation of enzyme in
acidic conditions and temperature of 50 "C can be observed from the precipitation formed. The
immobilized DMSMO and DMSR show good reusability, retaining high activity for up to 5 cycles,

the activity starts to decrease after 6 cycles onward (Figure 17d).
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Figure 17. Stability of immobilized DMSMO and DMSR. Activity percentage of the same
concentration of free and immobilized enzyme compared for (A) storage at 4 °C, (B)
temperature ranging from 4-50 °C, (C) pH from 2-10 and (D) activity after recycling of the

immobilized enzyme.
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4. Discussion and Conclusion
4.1 Mechanistic study of Dimethyl sulfone monooxygenase

The present study has elucidated the kinetic mechanisms of the dimethyl sulfone
monooxygenase system, a two-component flavin dependent monooxygenase from A. baumannii
comprising a monooxygenase (DMSMO) and a reductase (DMSR). The functional studies
demonstrated that the catalytic addition of molecular oxygen into the DMSO, substrate produced
methanesulfinate and formaldehyde. Our study also established a method for identifying
methanesulfinate using quadrupole LC-MS. The rapid kinetic study using stopped-flow indicated
that no flavin adduct intermediate was involved in the monooxygenation subsequent to substrate
cleavage. The results from single-turnover reactions revealed that the H,O, was fully used when
dimethyl sulfone was present. H,O, from the oxidation of reduced FMN on DMSMO plays an
important role in the catalytic cleavage of dimethyl sulfone to methanesulfinate and formaldehyde.
Rapid quenched-flow demonstrated that the observed rate constant for methanesulfinate formation
was almost the same as the rate constant for the oxidation of FMNH  bound DMSMO. Therefore,

the monooxygenation step using H,O, was very fast, and was limited by the flavin oxidation step.

The purification of DMSMO revealed that ~37% of oxidized FMN was in the bound form.
The results from both the static and kinetic binding of DMSMO to oxidized FMN using fluorescent
also revealed fast binding with a K of 17.4 | AM (Figure 2A, Figure 3 and Table 1). The oxygenase
component from other two-component flavoproteins, such as C, from p-hydroxyphenylacetate
hydroxylase from 4. baumannii (Sucharitakul et al., 2007), styrene monooxygenase (Morrison et
al., 2013), and dechlorinating flavin-dependent monooxygenase (HadA) (Pimviriyakul et al., 2017)
have very low to no binding to the oxidized form of flavin. However, there are some oxygenases
or hydroxylases that can bind to oxidized flavin very well, similar to DMSMO, these enzymes
include Actinorhodin biosynthesis monooxygenase (ActVA-ORF5) (K,= 19.4+6.3 AM) (Valton et
al., 2004), alkanesulfonate monooxygenase (SsuD) (K, = 10.2+0.4 [AM) (ZHAN ET AL., 2008), and

Bacterial luciferase (VcLuxAB) (K, = 11 M) (TINIKUL ET AL., 2013).
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Most of the oxygenase or hydroxylase components have common properties, i.e., fast
binding with reduced flavin because the reaction of reduced flavin with oxygen can lead to the
formation of many reactive oxygen species (Sucharitakul et al., 2014). In the case of DMSMO, the
oxidized FMN bound form also potentially catalyzed DMSO, to form products. The multiple-
turnover of DMSMO in the presence of NADH and DMSO, using IIFD, the reductase from another
two-component flavoprotein indole 3-monooxygenase, of which the flavin is FAD also generated
a small amount of product. Adding extra 56 [LM FMN to this mixture increased the product from
5.7% to 14.8%. These results demonstrated that FMN could mediate electron transfer between
reduced FAD from IIFD for DMSMO. In the oxidized FMN bound DMSMO population, the free
reduced FMN from DMSR likely transfers electrons to oxidized FMN that is already bound in the

DMSMO active site for catalysis.

The rapid kinetics study using fluorescence showed quenching from the binding of
DMSMO to oxidized FMN followed by more quenching from the binding of dimethyl sulfone to
the binary complex (Figure 4A). This binding order was assumed to be the same as for reduced
FMN. The rapid kinetics study also demonstrated that the binding of DMSO, occurs very fast,
within the dead time of the stopped-flow machine. The same result was observed when DMSO,
was added separately. The kinetic trace of flavin oxidation at 445 nm from mixing
FMNH :DMSMO with DMSO, in air-saturated buffer was superimposed with the kinetic trace
oxidation from the pre-equilibrated ternary complex (FMNH :DMSMO: DMSO,) (Figure 8A).
The fast binding of DMSO, is crucial for efficient monooxygenation that is competing with
oxidation of FMNH :DMSMO by oxygen. This enzyme property can explain why the percent
methanesulfinate from the single turnover reaction was very high (90.5%) (reaction 10, Table 3).
Other oxygenases or hydroxylases of two-component systems, such as C2 and alkanesulfonate
monooxygenase (SsuD), demonstrated no interaction of the substrates with the enzymes until the

reduced flavin was added (Sucharitakul et al., 2007). The induced conformational change from the
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binding of FMNH to allow substrate binding to the enzymes was proposed for the SsuD system

(Zhan et al., 2008).

The data obtained from the rapid kinetic study using CCD (Figure 12B) demonstrated no
shifting of the spectra from the reduced to the oxidized state, indicated that C4a-
(hydro)peroxyflavin or other flavin-oxygen adduct intermediates were not detected. Another
possible intermediate that has been found in other sulfone related monooxygenase systems that
resulted in the cleavage of the C-S bond, such as sulfone monooxygenase (DszA) (Sanjoy Adak &
Tadhg P. Begley, 2016) and flavoprotein monooxygenase (YxeK) (Matthews et al., 2022) is Flavin-
N5-oxide. This flavin adduct was first discovered in EncM-catalyzed 1,3-diketone oxidation (Piano
et al., 2017) and is believed to be found in other flavin mediated oxidation reactions where the
nucleophilicity of the flavin hydroperoxide needs to be reduced to avoid competing addition to an
adjacent electrophilic center. For the reaction catalyzed by DszA, the hydroperoxide intermediate
is formed by nucleophilic attack of the flavin peroxide anion on the substrate, which is then reduced,
leading to the production of flavin-N5-oxide (S. Adak & T. P. Begley, 2016). Flavin-N5-
(hydro)peroxide has distinct spectral characteristics, with the oxidized spectrum slightly shifting
toward the longer wavelength (~460-465 nm). This can be seen in enzymes, such as DszA (S. Adak
& T. P. Begley, 2016), uracil amide monooxygenase (RutA) (Adak & Begley, 2017), EncM (Teufel
et al., 2015), hexachlorobenzene monooxygenase (HcbAl) (Adak & Begley, 2019), and YxeK,
which in this case undergoes the formation of Fly,, instead of Fly,, for oxidative catalysis,
however, the spectrum shift is the same (Matthews et al., 2022). This spectrum is different from the
normal oxidized and reduced flavin spectrum. The spectral change results of the reduced to the
oxidized state of DMSR:DMSMO with and without DMSO, (Figure 12B and C) show normal
oxidized flavin spectra (445 nm) that are identical to the spectrum at which product is formed and
does not show any spectral changes that resembled those adducts. Because no known intermediates
were detected in this system, it is very likely that the reaction does not generate any intermediate,

but uses hydrogen peroxide (H,0,) instead for the hydroxylation of DMSO,.
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The H,0, assay in the single-turnover reaction from oxidation of the mixture of reduced
DMSR and DMSMO demonstrated no H,O, when DMSO, was present. This is strong evidence for
the crucial role of H,0, in monooxygenation (Figure 13E versus 13F. Table 4). There are several
reports about the enzymes that use H,0, generated in an active site reacting with their substrate for
monooxygenation, such as L-lysine oxidase/monooxygenase (Trisrivirat et al., 2020), L-lactate
monooxygenase (Lockridge et al., 1972), tryptophan 2-monooxygenase (Sobrado & Fitzpatrick,
2003), L-amino acid oxidases (Ullah, 2020), ketone monooxygenase (Britton & Markovetz, 1977)
and methansesulfonic acid monooxygenase (MSAMO) (Higgins et al., 1996). The oxidation of
reduced DMSR by oxygen produced a high concentration of H,0, (86%). However, when reduced
DMSR reacted with DMSO,, methanesulfinate was not detected (reaction 8 in Table 3). Mixing
H,0, directly with DMSO, also did not generate methanesulfinate. These results suggested that
monooxygenation of the substrate required the DMSMO active site environment. In addition, the
percent of H,0O, in the presence of DMSMO decreased compared with the H,O, produced from the
oxidation of only reduced DMDR (from 86% to 56%) and C, reductase (from 54% to 46%) (Table
4). The active site of DMSMO might trap H,O, generated from reduced flavin oxidation resulting
in 90.5% product generation. The proposed mechanism by which H,0, is generated in the DMSMO
active sit is that H,O, deprotonation is required to attack the methyl group to produce formaldehyde
(Figure 14). However, it is unlikely that H,O, is deprotonated in the physiological environment
because it has a high pK, of 11.6 (St. Laurent et al., 2007), The residues in the DMSMO active site
possibly act as a general base (Figure 14). The attack by H,0, is proposed to result in substrate
cleavage into methanesulfinate and methyl hydroperoxide, which proceeds to form formaldehyde
(Barber et al., 1963). MSAMO is an example of an enzyme that undergoes a similar mechanism
as DMSMO that is involved in the insertion of H,O, into the carbon atom to form an unstable
intermediate, which then spontaneously rearranges to form a sulfite product and formaldehyde
(Higgins et al., 1996), where the enzymatic mechanism involves a hydroxyl molecule generated

from H,0,. Another study demonstrated that methanesulfinate was the product from the incubation
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of dimethyl sulfoxide (DMSO) with a hydroxyl radical (Scaduto, 1995). This mechanism possibly
is a part of the H,0, degradation in the DMSMO active site that facilitates the C—S bond cleavage

of DMSO, to produce methanesulfinate and formaldehyde (Figure 13).

In conclusion, this study has elucidated the kinetic mechanisms of the dimethyl sulfone
monooxygenase system (Scheme 2.). The reductase component (DMSR) slowly reacts with NADH
without forming a Michaelis-Menten complex. After reduction, the reduced DMSR is an
equilibrium of dissociated free reduced FMN and bound form. However, the results demonstrated
that all of the reduced flavin rapidly transferred to DMSMO. A transient complex may trigger the
fast release of reduced flavin bound DMSR to DMSMO. The kinetic oxidation of DMSMO in the
presence of dimethyl sulfone using CCD to observe spectral changes did not detect any flavin
adduct intermediate. The results revealed that the H,O, generated by the oxidation of the reduced
FMN in DMSMO is a reactive agent for substrate monooxygenation. The same kinetics of the
methanesulfinate product formation and flavin oxidation indicates that H,O, rapidly attacks
dimethyl sulfone with a rate-limiting flavin oxidation. This study is the first report of the
oxygenation mechanism of a two-component flavoprotein catalyzing the oxidative cleavage of
dimethyl sulfone to methanesulfinate and formaldehyde. Understanding the reaction mechanism
from the rapid kinetic study serves as knowledge pertaining to future enzyme structural studies and
enzyme engineering for degrading toxic volatile sulfur compounds in wastewater treatments using

a biological process.



63

NADH
K= 427 M's!

NAD*
K.

ol

be = 489 x 10° M1 g!
oxFMN binds to Reductase

Ky = 408 + 0.8 uM\_redFMN

Release oxFMN & product

‘}‘ Methanesulfinate

+ Formaldehyde

redFMN binds to DMSMO

32_&4
DMSO \Y

2
Vv
K

ol

bs=51% 0.6 x 10* M5
Substrate bind to the complex
K;=661+1uM

Scheme 2. Overall reaction mechanism and rate of DMSMO system.

4.2 Co-immobilization of DMSMO and DMSR onto Ni-NTA/H,N-SiO,@CoFe,0,

In this study, both DMSMO and DMSR enzyme of the DMSMO system was immobilized
onto the Ni-NTA/H,N-SiO,@CoFe,O, nanoparticles by using affinity interaction between the His-
tagged enzyme and Ni-NTA functionalized nanoparticles. The synthesized CoFe,O, was surface
modified to obtain Ni-NTA/H,N-SiO,@CoFe,0,, characterization of the material was done to
determine the morphology and size, as well as to confirm the success of surface modification
(Figure 14 and 15). Immobilization could be achieved by incubating both enzymes with the
support material and separated using a magnet. The immobilized enzyme can be eluted out using
high concentration of imidazole, this mimics the purification process done for the purification of
DMSMO and DMSR using IMAC Sepharose " charged with nickel sulfate solution. This suggests

that this method of immobilization can be used as a one-step purification process for crude enzymes
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without prior purification (Liao et al., 2020), (Barbosa et al., 2015), (Zhao et al., 2021), (Wang et
al., 2023).

Previous study on the co-immobilization of two component enzyme system shows that co-
immobilized HpaBC system shows the greatest activity when compared to free enzyme or
separately immobilized enzyme. This is due to the fact that co-immobilization of two enzymes onto
the same carrier brings both enzymes into closer proximity resulting in tighter binding, this allows
the FADH co-factor to be effectively transferred and bind to the substrate catalytic pocket of HpaB
(Liao et al., 2020). However, this does not seem to be the case for this enzyme system as the initial
rate obtained from multiple turnovers shows that the immobilized enzyme shows a slightly slower
initial rate than that of the free enzyme. This may be due to the uncertain concentration of enzyme
being immobilized as the SDS-PAGE from Figure 16 shows that a higher amount of DMSR was
immobilized than DMSMO. This is because DMSR exist in a tetramer in its native form, causing
it to have a higher number of His-tagged resulting in higher affinity toward the nanoparticle, and
because of the larger size of the tetramer, once DMSR was immobilized, it hindered the site that
DMSMO can immobilized onto the support material. This causes the real concentration of the
enzyme to be lower when compared to using free enzyme where the exact concentration can be
calculated. Moreover, the transfer of co-factor FMNH  for the DMSMO system does not require
the two components to be in close contact with or bind to each other as the result obtained in Figure
10 shows that high population of FMNH was transferred to the DMSMO component through
simple diffusion.

Most case studies have shown that immobilization of enzymes increases its stability and
durability under different environments (Barbosa et al., 2015; Kondrat et al., 2022; Liao et al., 2020;
Souza et al., 2018; Wang et al., 2023; Wang et al., 2022; Yu et al., 2021; Zhao et al., 2021). In this
study, the immobilized enzyme shows greater storage life at 4 °C and is able to retain its activity at
a wider range of pH and temperature when compared to free enzyme (Figure 17). For pH, both

immobilized and free enzyme show the maximum relative activity at pH 7-8, the activity drastically
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reduced in acidic conditions (pH 2-6). This is because the concentration of H " affects the quaternary
structure of the enzyme causing it to be denatured, and also affects the dissociation state of the
substrate and enzyme (Long et al., 2020; Souza et al., 2018). For thermal durability, the
immobilized enzyme was able to retain its activity at higher temperature than that of free enzyme.
This is attributed to the increase in rigidity of enzyme when immobilized, preventing the enzyme
subunits from dissociation at high temperatures (Zhang et al., 2020). This increase in rigidity is
from the chemical bond formed from the physical bonding between the enzyme and support
material, which helps protect enzyme from any conformational changes in harsh environment
(Bilgin Simsek & Saloglu, 2021).

One of the most interesting properties of immobilized enzyme is its reusability. In free
enzyme system, after the reaction is completed, enzyme must be denatured or isolated out of the
product using filtration. This means that the enzyme will be discarded and cannot be reused.
Immobilization of enzyme onto magnetic nanoparticles not only allows easy separation of enzymes
from the product using a magnet but also allow those collected immobilized enzyme to be reused
after rinsing with buffer. In this study, the immobilized enzyme can be collected and reused for
over 5 cycles and still retain high activity (Figure 17d). The decrease in activity after 5 cycles is
due to the loss of material during isolating and washing processes, and also from the enzyme
detachment from the support material after repeated uses caused by chelating form reduction
between Ni~ and His-tagged enzyme (Liao et al., 2020). Apart from the immobilized enzyme
reusability, the support material itself can be reused for a high number of cycles as it can be washed
and recharged with Ni*" and still retain its affinity toward His-tagged enzyme.

In conclusion, this study has immobilized both DMSMO and DMSR enzymes of the
DMSMO system onto Ni-NTA/H,N-SiO,@CoFe,0O, nanoparticles by specific chelating force
between his-tag and Ni’". The immobilized enzyme shows higher stability at high temperature, wide

range of pH and exhibits long-term storage when compared with free enzyme. Moreover, the



66

immobilized enzyme also exhibits great reusability and ease of separation from the product, which

will be beneficial for recycling and industrial applications such as wastewater treatment.
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